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ABSTRACT

Elucidating biofilm pH dynamics in minimally buffered environments

Peter Tran

Bacteria represent the most abundant form of life on Earth and have evolved to suc-

cessfully colonize nearly every environmental niche. In doing so, bacteria predominately

form multicellular communities known as biofilms, resulting in increased resilience, per-

sistence, and emergent behaviors. Consequently, biofilms present an attractive target

for engineering and synthetic biology, as understanding biofilm physiology can elucidate

mechanisms enabling pathogenic biofilms and provide new modalities for multicellular

control. While biofilms provide individual bacteria many advantages, the dense cellular

proliferation can also create intrinsic metabolic challenges including excessive acidifica-

tion. Because such pH stress is commonly masked in buffered laboratory media, it remains

unclear how biofilms cope with minimally buffered natural environments. In this work,

we develop several methods to interrogate biofilm physiology, metabolism, and underlying

pH dynamics under minimally buffered conditions.

This dissertation details methods for studying biofilm pH dynamics. In doing so, we

establish a toolbox which enables observation of a previously unseen pH dynamic. The
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primary efforts towards that are 1) using metabolic flux analysis to study biofilm energy

metabolism in situ and 2) employing a suite of genetic screens, -omics, and microscopy

to elucidate biofilm pH dynamics. We report Bacillus subtilis biofilms overcome this

intrinsic metabolic challenge through an active pH regulation mechanism. Specifically,

we find that biofilms can modulate their extracellular pH to the preferred neutrophile

range, even when starting from acidic and alkaline initial conditions, while planktonic

cells cannot. We associate this behavior with dynamic interplay between acetate and

acetoin biosynthesis and show that this mechanism is required to buffer against biofilm

acidification. Furthermore, we find that buffering-deficient biofilms exhibit dysregulated

biofilm development and increased sensitivity to antibiotics when grown in minimally

buffered conditions.

This dissertation elucidates an emergent pH regulation behavior in biofilms that enable

them to develop and persist that in future work could be targeted to control and engineer

biofilm growth.
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CHAPTER 1

Introduction

Bacteria inhabit a diverse range of environmental niches and engage in specific lifestyles

to thrive within their local environment. In controlled laboratory conditions, bacteria

primarily exist as planktonic (free-swimming) individuals whereas in natural environments

bacteria often form sessile, multicellular communities known as biofilms [1, 2]. Biofilms

create a densely packed local environment with extracellular matrix (ECM) [3, 4] that can

give rise to complex emergent behaviors such as cell-to-cell signaling [5, 6], macroscopic

spatiotemporal organization [7, 8, 9], and metabolic remodeling [10, 11]. Furthermore,

the biofilm structure creates a diffusion barrier and resulting local concentration gradients,

producing habitat diversity and increased resilience against antibiotics [12, 13, 14]. Thus,

the biofilm state confers advantages to individual bacteria unavailable to planktonic cells.

These advantages enable biofilms to be distinctly resilient and persistent in envi-

ronments, which make biofilms attractive targets for medicine and engineering. While

common methods of studying microorganisms have been practiced for decades and have

been instrumental to fundamental discoveries in pathogenesis and microbial physiology,

these microbiology techniques are often not readily applied to biofilms due to their archi-

tectural and compositional complexity [15, 16]. Biofilms are physiologically distinct from

their planktonic counterparts and therefore require new methods to decipher their unique

physiology. By developing tools to expand the field of microbiology towards the natu-

ral biofilm context, we will increase our understanding of the biology behind infection,
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ecological processes, bioreactor design, and other processes mediated by microorganisms

[17, 1, 18, 19]. Furthermore, by gaining such insights into biofilm physiology, we will

reveal new strategies for more effective antibiotic treatment in the context of disease and

enable engineering bacteria in new modalities.

This introduction section will cover synthetic biology in biofilms, with focus on 1)

recent advances in tools for engineering biofilms, 2) remaining challenges, and 3) oppor-

tunities for increased understanding of biofilm physiology and engineered biofilms.

1.1. Synthetic biology in biofilms

Bacteria are readily modifiable chassis organisms with diverse biochemical repositories

of genes and proteins that could be leveraged for synthetic biology. However, much of

bacterial synthetic biology remains focused on a handful of domesticated and planktonic

bacterial species that have been optimized for the laboratory [20]. As a result, deploying

these engineered bacteria into key target environments remains challenging since these

cells experience heterogeneous conditions that result in non-optimal performance and

an inability to persist in the environment [21]. Bacteria in natural environments pre-

dominately reside in the context of densely packed multicellular communities known as

biofilms [1]. Biofilms account for nearly 80% of all bacteria on the planet, occupying

environments that span from miles underneath the ocean floor to inside of the human

gastrointestinal tract [2]. Bacteria within biofilms can undergo significant shifts in gene

expression and participate in emergent social behaviors including division of labor and

coordinated growth [22, 23, 24]. These processes enable collective organization and the

formation of macroscopic structures that enable more efficient distribution of resources
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and mechanical resilience [3, 25]. Furthermore, these bacteria facilitate population-level

coordination though cell-to-cell signaling such quorum sensing and ion channel-mediated

communication [24, 5, 26].

Due to their prevalence in nature and innate emergent properties, biofilms present

synthetic biology the attractive opportunity to deliver and operate engineered gene circuits

in a range of desired target environments, such as soil and the microbiome. More generally,

collective organization has been a long-coveted goal for the field of synthetic biology and

tapping into the native capabilities found in biofilms may enable the next generation of

spatiotemporally controlled gene circuit designs. This review provides a brief overview of

recent developments toward synthetic biology in biofilms, with focuses on molecular tools,

biological challenges, and potential opportunities for engineered biofilms (Figure 1.1).

Figure 1.1. Recent tools and potential applications for synthetic biology in
bacterial biofilms
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1.1.1. Tools for synthetic biology in biofilms

Inspired by the biology of natural microbial communities and biofilms, synthetic biology is

shifting from engineering single cells and model species to engineering microbial consortia

that may be composed of multiple species [27, 28, 29, 30, 31]. To realize this shift, the

field will need to create new tools that 1) Expand the synthetic biology tool set towards

non-model and undomesticated bacterial species; 2) Harness optogenetics to control and

coordinate larger diffusion-limited cellular populations; and 3) Functionalize the biofilm

extracellular matrix to control the spatial and temporal arrangement of bacteria within the

consortia. These tools will further enable the effective deployment of engineered bacteria

into natural target environments by harnessing the unique physiology of biofilms.

1.1.1.1. Expansion of genetic tools towards non-model biofilm species. While

domesticated bacterial strains can be used to prototype new synthetic designs in the lab,

deploying these cells into nature remains a challenge as they experience heterogeneous

environmental conditions that can impact cellular fitness [21]. To address this shortcom-

ing, recent efforts have focused on expanding the synthetic biology toolbox towards new

bacterial species beyond Escherichia coli (E. coli). A foundational set of characterized

promoters, ribozyme binding sites, and protein degradation tags was created for biofilm-

forming Bacillus subtilis (B. subtilis) [32]. This was further expanded to include more

inducible promoters and integration vectors for delivering DNA into the B. subtilis chro-

mosome at specific sites such as the sacA and amyE loci [33]. The RSF1010 replicon was

used to create a parts library that can be used to assemble broad-host-range plasmids in

species of Proteobacteria that commonly colonize the bee gut [34].
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While the number of genetic parts for synthetic circuits is increasing, these parts con-

tinue to be created on a per-species basis. For engineering multi-species communities such

as microbiomes in the soil or mammalian gut, there remains a need to broadly transform

microbial systems in place using native microbial consortia. To address this need, bacterial

conjugation has recently been leveraged to efficiently deliver DNA into undomesticated

bacteria across a broad spectrum of species. During conjugation, a host cell attaches a

pilus to a recipient allowing the direct cell-to-cell transfer of DNA and homologous re-

combination integrates this DNA into the recipient genome [35]. Engineered E. coli was

able to deliver biosynthetic gene clusters into the chromosomes of bacteria species across

multiple phyla, using conjugation to transfer DNA, a transposon system to integrate a

landing pad into the recipient chromosome, and Lac-T7 expression system to tightly con-

trol expression of BGCs in the recipient [36]. The IncPα-family RP4 conjugation system

enabled an E. coli donor strain to transfer a synthetic cassette into both Gram-negative

and positive microbiota species in a mouse gastrointestinal tract [37]. Integrative and

conjugative elements B. subtilis were engineered as to allow delivery synthetically de-

signed DNA into the chromosomes of the recipient even under non-ideal conditions such

as in the soil [38].

The field of synthetic biology has begun to utilize non-model and undomesticated

bacterial species though the creation of new genetic parts and broad range genetic trans-

formation methods. Future challenges will include maintenance and containment of these

engineered functions in their native contexts, such as soil and the microbiome.

1.1.1.2. Optogenetic control over bacterial biofilm behavior. Most synthetic bi-

ology designs utilize small molecule inducers which require sufficient concentration in
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the environment as well as homogeneous diffusion throughout the cellular community.

These requirements can be difficult to achieve in conditions of non-ideal environmental

mixing and dense cellular growth, such as found in biofilms. As a result, the field is

moving to leverage optogenetics, where exposure to specific wavelengths of light trigger

gene expression on demand in a defined manner. Such an approach would allow con-

trol of engineered cells even in complex natural environments where it is not practical

to achieve high and uniform inducer concentrations. Considering these challenges, Opto-

genetic approaches may provide dynamic control of spatiotemporal induction that could

not be achieved with a small molecule inducer alone. With precise spatiotemporal light

exposure across multiple wavelengths, biofilm cells can be patterned to aggregate in spe-

cific patterns with micron precision. Photoreceptors and their associated transcriptional

regulators from plants and cyanobacteria have been leveraged to create light-responsive

elements that regulate expression of biofilm matrix components and subsequently biofilm

structure. Blue light was used to activate the transcriptional promoter pDawn and ad-

hesion gene Ag43 expression, enabling lithography of E. coli biofilms [39]. Blue light

exposure was also shown to persistently and robustly change the membrane potential

dynamics in a B. subtilis biofilm, with the effect remaining for hours after the initial

stimulus suggesting a form of cellular memory [40]. Near-infrared (NIR) was used to

control target gene expression in E. coli via NIR-responsive photoreceptor BphP1 and

its interacting transcriptional repressor PpsR2 [41]. Multiple light-responsive elements

have also been integrated together in a single strain. A dual-sensing optogenetic module

was installed into Pseudomonas aeruginosa to sense both NIR and blue light, regulate

intracellular levels of c-di-GMP and pattern biofilm formation based on exposure to each
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light type [42]. The expression of the chromophore phycocyanobilin (PCB) and PCB-

enabled red/green light photoswitchable two-component system allowed for multimodal

transcriptional regulation in a B. subtilis biofilm [43]. Expression of the E. coli matrix

protein CsgA fused with various peptide tags were transcriptionally activated via multi-

ple different wavelengths of visible light, allowing for tunable control over E. coli matrix

production and composition [44].

Optogenetics has enabled precise spatiotemporal control over bacterial gene expression

and biofilm formation, with a growing list of available wavelengths and responsive cellular

machinery. Future development will need to address delivery of light to engineered biofilms

in natural target locations as well as advancing switching and multiplexing kinetics of

light-activated transcriptional regulation.

1.1.1.3. Functionalization of biofilms into engineered living materials. During

biofilm formation, individual motile bacteria adhere to a surface and begin to secrete

exopolysaccharides, DNA, and proteins to form an extracellular matrix (ECM) that serves

as a biofilm scaffold [3, 45, 46]. In particular, matrix proteins exist play a critical

role, providing both macroscopic structure and distinct material properties that dictate

cellular organization. Recent efforts are leveraging these proteins to transform biofilms

into engineered living materials that can self-organize, regenerate, and interface with

inorganic materials.

Biofilm matrix proteins secreted by the cell can self-assemble into long structures that

form the basis for the biofilm ECM. These fibrils can be genetically modified to include

different functional tags that imbue different material properties. The E. coli biofilm

amyloid protein CsgA was genetically modified with various peptide domains to create
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custom fusion proteins that could be produced by a host and self-assemble into ECM

[47]. CsgA protein expression across multiple length scales has also been engineered

to be driven by inducible gene circuits and quorum sensing, and later used to interface

E. coli biofilms with inorganic materials such as quantum dots and gold nanoparticles

[48]. Further tunable control over CsgA allowed for E. coli biofilms to serve as 3D

pattered scaffolds for gold nanoparticles, creating resettable living pressure sensors [49].

The B. subtilis biofilm matrix amyloid protein TasA was functionalized with the adhesive

mussel protein Mefp5 to transform B. subtilis biofilms into living and regenerating glues

[50]. This strategy has been further expanded to genetically modify TasA with many

different proteins and peptide domains, resulting in biofilms with tunable viscoelasticity

and hydrogel properties that can be 3D printed into robust and self-healing materials

[51].

Functionalization of biofilm matrix components has begun to transform biofilms into

novel living materials with tunable physiochemical properties. Looking to the future, more

work will be needed to fully characterize ECM properties over time in a natural target

environment, as well as developing increased control over ECM monomer assembly.

1.1.2. Challenges for synthetic biology in biofilms

Compared to their domesticated laboratory counterparts, the genetic and biochemical

profiles of cells in the biofilm state remain relatively uncharacterized, and often present

conditions that are not amenable to current genetic circuit designs. Ongoing challenges
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that must be considered for engineering biofilms include extracting microscopic and macro-

scopic measurements amongst millions of biofilm cells and contending with bacterial cell

fate changes that occur during biofilm community development.

1.1.2.1. Measurements of densely packed communities. Biofilms are densely packed

communities that contain millions of bacterial cells. The challenge remains to extract

high-quality single cell measurements amidst the noise of heterogeneous biofilm cells.

Special care must be taken in amplifying desired readouts and understanding the cellular

dynamics and heterogeneity of the biofilm population. Recent methods have begun to

address these challenges though use of microfluidics, microscopy, and high-throughput

sequencing. Microfluidics have been used to overcome the noisiness arising from dense

cellular through constricting biofilm growth to only a few cell layers thick. Using such

devices, it has been observed that synthetic microbial consortia can coordinate across

great length scales using quorum sensing genetic positive feedback loops [52]. Undo-

mesticated B. subtilis biofilms were shown to spatiotemporally oscillate in growth and

membrane potential in a microfluidic chamber [5]. Microfluidics have also enabled the

study of diffusion-mediated interactions between spatially separate microbial communi-

ties [53]. To dissect biofilms with established 3D structure, light-sheet microscopy has

been able to dissect Vibrio cholerae biofilms and track migration of individual cells within

the developing community [54]. Finally, for determining bulk species composition in a

community, high throughput sequencing has enabled quantification of relative abundance

of microbiota in mucosal and luminal layers of the murine gut [55]. While these meth-

ods have provided critical biofilm-related measurements, live and in situ monitoring of

biofilms in non-constrained natural conditions remains to be developed.
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1.1.2.2. Control over bacterial cell fate. The majority of synthetic biology work is

performed in bacterial cells during the exponential growth phase in order to take advantage

of rapid cell replication and protein turnover. However, outside of the laboratory, most

bacteria in nature do not appear to exist in this growth phase, instead transitioning to a

variety of cell fates including stationary phase, cell death, and biofilm formation. These

cellular fates and the cellular decisions that influence them are intertwined with metabo-

lism and transcriptional networks, resulting in many genes being influenced by cell fate.

When engineering biofilms, the cellular commitment to form a biofilm can be convoluted

by other cell fate pathways, such as sporulation, dispersal, and localized cell death. This

issue is further compounded by the lack of molecular and genetic tools that are designed

to work in non-exponential growth phases. Even within biofilms, not all cells behave sim-

ilarly in terms of matrix production and motility. In Vibrio cholerae biofilms, cells that

grew at the biofilm front were transported from a founder population in a fountain-like

pattern, whereas the remaining biofilm population near the substrate surface remained

relatively immobile [54]. In B. subtilis biofilms, motile and sessile cells experience dif-

ferent transcriptional regulation of time spent in a lifestyle, suggesting that cells do not

have to fully commit to biofilm formation [56]. Some species, including biofilm-forming

B. subtilis also possess the propensity to form endospores in lieu of biofilms, resulting in a

completely different transcriptomic profile [57]. Additionally, the current set of synthetic

biology tools to engineer cells in stationary phase remain in their infancy. While some

stationary phase promoters have been discovered and characterized, their numbers remain

low and only have seen use in recombinant protein production where cells do not form

biofilms [58]. Furthermore, the biological mechanisms occurring during stationary phase
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are still being elucidated as non-growing bacteria have been shown to display a low but

surprisingly constant protein production rate [59]. Cellular memory of stationary phase

can also lead to a heterogeneous population, with the creation of persister cells [60].

1.1.3. Opportunities for engineered biofilms

Bacterial biofilms currently provide benefits for wastewater treatment and microbial fuel

cells due to their ability to adhere, densely pack, and persistence in the environment [61,

62]. With improved understanding of biofilm biology and creation of new synthetic biology

tools, biofilms are poised to advance synthetic biology efforts in medicine, manufacturing,

and environmental remediation (Table 1).

1.1.3.1. Cell-based medicine. Within the gastrointestinal microbiota, probiotic and

biofilm-forming species have been highlighted in recent studies as critical for healthy

gut symbiosis. Engineering biofilms in this context could lead to the creation of new

cell-based therapies where engineered bacteria could provide extended diagnostics and

therapeutic delivery. Commensal E. coli Nissle (EcN) biofilms were engineered to out-

compete pathogenic species, such as enterohemorrhagic E. coli , Staphylococcus aureus,

and Staphylococcus epidermis through expression and secretion of the protease DegP [63].

Synthetic biosensing modules have created for EcN, allowing engineered strains to colo-

nize the mouse gut, detect the inflammation marker tetrathionate, and genetically record

inflammation exposure over months in vivo [69]. The EcN biofilm matrix itself has been

employed as a modality to retain engineered cells in the mammalian gut. EcN curli fibrils

were fused to the trefoil family of human cytokines and when delivered to a mouse gut, al-

lowed for engineered EcN biofilms to entrain themselves in the mucosal later and influence
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Engineered biofilm ap-

plications

Description Current Challenges Enabling synthetic biology

tools

Microbiome diagnos-

tics

Biofilms as sentinel organ-

isms in the mammalian

gut to sense disease and
pathogens

Quantifying readout from

biofilm sensor, multispecies

cooperation

Broad-spectrum species

genetic transformation

[36, 37], expansion of
standardized genetic parts

[32, 33, 34], biofilm

ECM functionalization
[47, 48, 49, 50, 51]

Microbiome therapeu-

tics

Engineered biofilms reg-

ulate host microbiome

through therapeutic pro-
duction

Long term retention of en-

gineered biofilm in gut, sta-

tionary phase gene circuit
performance

Biofilm ECM functional-

ization [47, 48, 49, 50,

51], expansion of standard-
ized genetic parts[32, 33,

34], engineered production

of therapeutic and signal-
ing biomolecules [63, 64,

65]

Biomanufacturing Metabolic burden split
across multiple cell popu-

lations within a biofilm for

increased efficiency

Control over intraspecies
cell fate, control over inter-

species biofilm population

distribution

Light-responsive optoge-
netic biofilm gene circuits

[39, 40, 41, 42, 43, 44],

broad-spectrum species
genetic transformation

[36, 37]

Novel biomaterials Biofilm ECM with engi-

neered biochemical proper-
ties to enable novel bioma-

terials

Stationary phase gene cir-

cuit performance, scale of
material production

Light-responsive op-

togenetic biofilm gene
circuits[39, 40, 41, 42,

43, 44], 3D bioprinting
[44, 49, 51]

Environmental remedi-

ation

Removal of heavy metals

and hazardous compounds,

stored safely in the biofilm
matrix

Biosensing of pollutants,

long term control of engi-

neered biofilm

Biofilm ECM functional-

ization [47, 48, 49, 50,

51], biofilm morphology
control, novel biosensing

gene circuits [66, 67, 68]

Biofouling prevention Seeding surfaces with en-

gineered biofilms to pre-
vent attachment of micro-

bial species

Long term control of en-

gineered biofilm, multi-
species cooperation

Light-responsive optoge-

netic biofilm gene circuits
[39, 40, 41, 42, 43, 44],

biofilm ECM functionaliza-

tion [47, 48, 49, 50, 51]

epithelial cell behavior [64]. Biofilm ECM was also used to coat probiotic B. subtilis cells,

improving their gut mucoadhesion and bioavailability when delivered to both mouse and

swine guts [65]. Other native biofilm-forming species could also serve as powerful tools,

as many already interact and influence their host through secreted neuroactive molecules.

Providencia bacteria living in the gut of Caenorhabditis elegans worms were found to

modulate host sensory decision via tyramine production [66]. With special care taken to
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understand and control immunogenicity and behavior, engineered biofilms could act as

sentinel organisms in the mammalian gut and even deliver therapeutic payloads.

1.1.3.2. Biomanufacturing. Synthetic biology could enable the development of more

efficient methods to synthesize biochemical compounds of interest. One common challenge

with expressing multiple enzymes in a pathway is to minimize toxicity and metabolic

burden on the host. Biofilms could potentially avoid this issue altogether through division

of labor within its population. Such behavior occurs naturally during production of

ECM components in B. subtilis biofilms, where cells cooperate to produce complementary

products and contribute to the public goods pool of matrix [23]. Additionally, the biofilm

ECM can be genetically modified to display specific affinities and crosslinking to transform

the biofilm itself into a regenerating biomaterial with multimodal properties. Both E. coli

and B. subtilis amyloid fibers where genetically modified to express proteins or peptide

domains that allowed for the biofilm matrix to act as a renewable and robust biomaterial

[47, 50, 51]. Additionally, these strategies can be combined in tandem with 3D printing

to rapidly and precisely print biofilms into a desired shape. Utilizing division of labor in

engineered biofilms will enable the next generation of biotechnologies for manufacturing

sophisticated biochemical products and renewable biomaterials.

1.1.3.3. Environmental remediation. The ability to persist in natural environments

makes biofilms an ideal platform for deploying engineered bacteria to directly mitigate and

treat pollution. Bacterial biofilms already enjoy wide use in wastewater treatment where

biofilms break down organic pollutants in controlled ponds. In more natural settings such

as waterways and soil, synthetic biology could expand the role of biofilms as platforms for

on-site remediation and upstream sequestration of pollutants. Indeed, recent studies have
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established that biofilms are able to sequester pollutants from their environment. Rare

earth elements can be captured by E. coli biofilms expressing genetically modified CgsA

matrix protein [67]. Heavy metals such as mercury can also be sequestered by biofilms, as

E. coli biofilms have been engineered to produce CsgA in the presence of mercury, which

can immobilize mercury compounds in the fibrils [68]. Toxic halogenated compounds can

also be degraded by biofilms, as Pseudomonas putida biofilms were engineered to express

haloalkane dehalogenases, and this catalytic activity was further enhanced with tunable

control over biofilm formation [70]. Biofouling on osmotic membranes have also been

mitigated with use of programmable biofilms, as quorum-quenching E. coli biofilms were

seeded into membrane materials and optogenetically controlled to prevent formation of

biofilms from other species [71].

1.1.4. Future perspectives for synthetic biology in biofilms

Developing biofilms as next generation synthetic biology chasses holds great promise, yet

important challenges remain to realize this vision. Current tools have only begun to

address non-model biofilm-forming bacterial species and their complex social behaviors.

Spatial heterogeneity and temporal dynamics associated with cell state and species compo-

sition in biofilms remain poorly understood. Furthermore, the environmental persistence

of biofilms raises some concern about biocontainment, as biofilms have been associated

with chronic infections and biofouling. Despite these challenges, the opportunity remains

to co-opt the complex social behaviors of biofilms (e.g. cell-to-cell signaling, division of

labor, and matrix production) for medicine, biomanufacturing, and environmental reme-

diation. Additionally, basic scientific study of these processes could provide inspiration for
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more sophisticated synthetic gene circuits beyond the biofilm context. In addition to in-

tercellular coordination, the physical robustness and environmental persistence of biofilms

could enable new living materials and robust deployment of engineered bacteria into tar-

get environments. These advances may also prove valuable beyond synthetic biology,

impacting fields spanning materials science, ecology, and medicine. Overall, engineering

individual bacteria has been instrumental to the advancement of synthetic biology thus

far and the field is now poised to leverage bacterial biofilms for next generation synthetic

biology applications
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CHAPTER 2

In situ measurement of biofilm energy metabolism

2.1. Background

While bacteria are single-celled organisms, they predominantly exist in nature within

multicellular biofilm communities that exhibit complex emergent behaviors [72, 73, 74,

75, 15, 76, 77, 78]. This stands in contrast to free-swimming (planktonic) bacteria grown

in rich laboratory conditions that most common microbiology assays utilize [17, 18, 79].

These methods of studying microorganisms have been practiced for decades and have

been instrumental to fundamental discoveries in pathogenesis and microbial physiology.

However, these microbiology techniques are often not readily applied to biofilms due to

their architectural and compositional complexity [15, 16]. Biofilms are physiologically

distinct from their planktonic counterparts and therefore require new methods to deci-

pher their unique physiology. By developing tools to expand the field of microbiology

towards the natural biofilm context, we will increase our understanding of the biology

behind infection, ecological processes, bioreactor design, and other processes mediated

by microorganisms [17, 1, 18, 19]. Furthermore, by gaining such insights into biofilm

physiology, we will reveal new strategies for more effective antibiotic treatment in the

context of disease. In particular, it has been recently proposed that multiple classes of

bactericidal antibiotics produce harmful reactive oxygen species (ROS) that contribute to
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their lethal effects [80, 81]. This surprising finding has now been found to apply to nu-

merous planktonic bacterial species and multiple drug classes (especially aminoglycosides

and β-lactams) [82, 83, 84].

These effects are thought to derive from multiple alterations to cellular respiration,

central metabolism, and iron metabolism. Support for this hypothesis includes antibiotic

tolerant clinical samples of pathogenic bacterial species which contain mutations in oxida-

tive stress response and defense genes [85, 86]. However, this idea remains controversial

and data has also been generated which limits the scope of this hypothesis. Specifically,

recent investigations have found that antibiotics remain effective even in anaerobic con-

ditions where ROS production is expected to be dramatically reduced [87, 88]. Thus, it

is clear that the effects of antibiotics on the cell can include altered energy metabolism,

but also that this relationship is more complex than originally thought.

In this context, one form of emergent behavior exhibited by biofilms is increased ro-

bustness in response to antibiotic treatment [72, 15, 76, 79, 89, 90, 91, 92]. Biofilms are

thought to modulate aerobic energy metabolism and respiration during their development

to cope with oxygen limitation caused by their dense growth. As such, one mechanism

of their antibiotic resistance may involve the differentiation of the biofilm into distinct

metabolic states. This might allow some members of the biofilm to survive metabolically-

directed attacks where respiration is expected to play a role. Specifically, bacteria with

reduced or altered energy metabolism-often termed persisters-are known to be more tol-

erant to antibiotic exposure [72, 73, 93, 94, 95, 96, 97]. Energy metabolism refers to

the process of generating adenosine triphosphate (ATP) through glycolysis and aerobic

respiration (Figure 2.1a). While the basic biochemical processes of energy metabolism
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are well understood in planktonic bacteria, it remains unclear how bacteria alter their

energy metabolism in biofilms. Understanding these biofilm-specific shifts in energy me-

tabolism will be crucial to understanding how biofilms respond antibiotics which elicit

ROS production as part of their lethality. Addressing this question requires quantitative

measurements of biofilm energy metabolic responses during external perturbations, such

as antibiotic treatment.

Figure 2.1. Overview of Seahorse XFe96 instrument setup for measuring biofilm
energy metabolism. (a) Metabolic demands of the cell are met through oxida-
tive phosphorylation and glycolysis to generate ATP through energy metabolism.
Oxidative phosphorylation and acidification processes associated with glycolysis
and fermentation can be quantified by measuring oxygen consumption and pro-
ton excretion rate, respectively. (b) Seahorse XFe96 alternates between a resting
phase and a measuring phase. During the measuring phase, the probe lowers
to create a transient micro-chamber of approximately 200 µm in height. The
polymer-embedded fluorophores within the probe measure the oxygen and proton
concentration as they are modified by the cells trapped within the microchamber.
These oxygen and proton measurements are converted to oxygen consumption
rate (OCR) and extracellular acidification rate (ECAR), respectively, by deter-
mining the rate of change of the fluorescent signal during the measurement phase
(Figure 2.2).

The traditional methodology for measuring bacterial respiration is the Clark elec-

trode, which is capable of reporting ambient oxygen concentration in a liquid using a
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Figure 2.2. Calculation of OCR and ECAR from raw O2 and pH measure-
ments.Both oxygen consumption rates (OCR) and extracellular acidification rates
(ECAR) are calculated based on the slope of the raw O2 and pH values as they
decrease over the measuring phase, during which the probe lowers to create a
transient microchamber. This is followed by a mixing phase where the probe
returns to its original position and gently introduces new media to the cells to
bring O2 and pH levels back to their baseline.

catalytic platinum surface. While Clark electrodes are able to effectively measure local

oxygen levels, they are slow, low-throughput, and unable to record time-resolved mea-

surements [98, 99]. More importantly, Clark electrodes do not measure extracellular

acidification, an important measure of anaerobic processes such as fermentation, and thus

exclude these critical aspects of metabolism. Furthermore, because measurements are not

time-resolved, Clark electrodes cannot be used to measure in situ metabolic changes in

response to perturbations such as antibiotics. Thus, a new method is needed for biofilm-

specific measurements of energy metabolism during antibiotic perturbations. The Agilent

Seahorse XFe96 is a high-throughput instrument that provides insight into cellular me-

tabolism by simultaneously measuring oxygen consumption rate (OCR) and extracellular

acidification rate (ECAR). OCR acts as a proxy for cellular respiration whereas ECAR

reflects proton efflux through acidification processes such as glycolysis and lactate produc-

tion [91]. While Seahorse experiments are traditionally performed on mammalian cells
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[98, 99], we reasoned that we could also capture metabolic changes in biofilms as aerobic

respiration and glycolysis are biochemically conserved.

As a proof-of-concept, we applied our method to biofilms of undomesticated Bacil-

lus subtilis. We show our method can reliably and reproducibly track energy metabolic

dynamics over time. In particular, we observe that biofilms generate higher levels of

acidification compared to planktonic cells, suggesting a biofilm-specific increase in acidi-

fying metabolic processes such as glycolysis and fermentation, despite comparable levels

of respiration. Additionally, our data points to co-regulation between oxygen consump-

tion and acidification in biofilms during antibiotic perturbations, which may contribute to

community antibiotic resistance. Our approach will enable better understanding of meta-

bolic dynamics in biofilms, advancing research in both basic microbiology and biomedical

approaches to overcome emergent antibiotic resistance.

2.2. Results

2.2.1. High-throughput method for tracking biofilm metabolic dynamics

We developed a high-throughput method using the Agilent Seahorse XFe96 metabolic

analyzer to measure energy metabolism during biofilm development (Figure 2.1b). The

device alternates between resting and measuring phases based on a user-defined proto-

col. During the resting phase, the probe introduces oxygen into the well through gentle

mixing. During the measuring phase, the probe lowers to confine the biofilm to a micro-

chamber where oxygen and pH are measured by embedded fluorophores (Figure 2.1b).

After the measuring phase, the probe returns to its starting position, allowing oxygen
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and pH to return to their baseline levels. The linear slope of the oxygen and pH mea-

surements are used to calculate OCR and ECAR (Figure 2.2). Since the device creates a

transient microenvironment close to the surface where the biofilm is adhered, OCR and

ECAR measurements can accurately monitor biofilm energy metabolism. Our method

thus provides insight into energy metabolism during biofilm development by quantifying

levels of oxidative phosphorylation and acidification over time.

Figure 2.3. Schematic of assay protocol for measuring biofilm energy metabo-
lism. Beginning two days prior to assay: (1) culture bacteria overnight on LB
agar plates; (2) inoculate a single colony for growth in LB broth until late log
phase one day prior to assay; (3) load samples in the microplate and incubate
for 24 hours to allow biofilm formation; (4) begin hydrating probes using the
Agilent-specified protocol; (5) prepare stock solutions, such as antibiotics, for
chemical injections; (6) finish hydrating probes and loading injections; and fi-
nally (7) perform Seahorse measurement and data analysis.

Seahorse is typically viewed as a mammalian metabolic analysis tool and it has never

been utilized to study bacterial biofilms. We were inspired by recent studies that adapted
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the assay to measure respiration in planktonic bacteria [84]. These studies showed that

aminoglycosides are capable of producing transient increases in OCR over several hours.

However, these studies were performed on planktonic bacteria that lack the potential for

emergent control of metabolism during biofilm development. We therefore established

a protocol for measuring in situ energy metabolism over long-term development in the

natural biofilm context (Figure 2.3). The method can accommodate up to 20 distinct

mutant strains grown in triplicate within the interior of the 96-well microplate over the

course of 12 hours. In addition, each well contains an integrated injection system capable

of delivering up to 4 different drug or nutrient perturbations during the experiment. Our

protocol provides a simple and flexible method for quantifying energy metabolic changes

in biofilms over time during antibiotic treatment.

2.2.2. Reproducible, time-resolved measurements of biofilm energy metabo-

lism

We sought to validate biofilm formation within the microplate by comparing an undomes-

ticated B. subtilis wild type strain (3610) to a non-biofilm forming mutant (3610 ∆sinI).

Since SinI modulates the activity of SinR, a transcriptional regulator of genes essential

for biofilm formation, the 3610 ∆sinI mutant cannot form biofilms and is constitutively

planktonic35. Biofilm formation begins when planktonic bacteria adhere to a surface and

proliferate, eventually producing an extracellular matrix that encapsulates the biofilm

(Figure 2.4a). We confirmed that 3610 is capable of forming biofilms in the microplate

within the experimental timeframe using a crystal violet stain to report extracellular ma-

trix content. When we compared 3610 and 3610 ∆sinI, we found that 3610 displayed
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significantly higher (n = 3, Mann-Whitney U-test, p < 0.05) crystal violet absorbance

compared to the non-biofilm forming mutant, confirming biofilm formation in the mi-

croplate (Figure 2.4b). After validating formation during the experimental time-frame,

we could then move toward analyzing biofilm energy metabolic changes over time.

Figure 2.4. Biofilm formation and development in the microplate. (a) Fol-
lowing inoculation, planktonic bacteria adhere to microplate surface and begin
initial attachment. After attachment, biofilm cells proliferate and produce a
dense extracellular matrix (yellow). Finally, after 12-24 hours, a mature biofilm
is produced. (b) Biofilm formation assay with crystal violet staining using undo-
mesticated B. subtilis wild type (3610) and a non-biofilm forming mutant (3610
∆sinI) shows higher absorbance for 3610 (error bars ±SE, n = 3, Mann-Whitney
U-test, p < 0.05). (c) Time-resolved measurements of OCR (pmol/min) and
ECAR (mpH/min) during biofilm formation. The 24-hour time course was as-
sembled using parallel experiments where pre-incubation time was reduced to 12
hours (dark green) or 0 hours (light green). Bolded mean is shown with standard
error (n = 6).

In order to determine how altered metabolic state affects antibiotic response, we first

tracked energy metabolism during biofilm formation to determine the relevant changes

that occur. We gathered time-resolved measurements of OCR and ECAR during the
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24-hour process of biofilm formation beginning from inoculation (Figure 2.4c). Since

measurement times are limited to 12 hours, we combined two parallel experiments where

pre-incubation time was reduced to 12 hours (dark green) or 0 hours (light green) to form

a continuous, 24-hour trace. The observation that multiple parallel runs can be stitched

together to form a continuous trace indicates that growth conditions within the Seahorse

instrument are qualitatively similar to that of the incubator, and assay measurements are

therefore likely to be physiological. These long-term development traces show a repro-

ducible increase in ECAR during the later stages of biofilm formation (Figure 2.4c). The

increase in ECAR late in biofilm maturation suggests acidification increases as a result

of biofilm formation, perhaps due to an increase in anaerobic metabolic processes such as

glycolysis and fermentation as oxygen becomes limiting within the interior of the biofilm.

2.2.3. Biofilm-specific differences in energy metabolism compared to the plank-

tonic context

To confirm that the late-onset increase in ECAR is a biofilm-specific change, we next ex-

amined differences in energy metabolism between 3610 and 3610 ∆sinI. Following a stan-

dard 24-hour pre-incubation to establish the biofilm, measurements of OCR and ECAR

were taken for planktonic and biofilm strains over a period of four hours (Figure 2.5a).

As expected, we found that biofilms showed reproducibly higher ECAR while display-

ing comparable levels of OCR relative to planktonic strains (Figure 2.5a). Furthermore,

quantification of this data at the 4-hour time-point revealed that the ratio of OCR and

ECAR are shifted toward acidification in biofilm communities (Figure 2.5b,c). Interest-

ingly, despite higher rates of acidification in biofilms, the pH of biofilm wells remained
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slightly higher than non-biofilm wells (Figure 2.6). The presence of both high acidifica-

tion rates and a more alkaline pH suggests the existence of a compensatory process in the

biofilm that is absent in the planktonic context. To further confirm these findings, we

repeated these experiments in a laboratory-adapted strain of B. subtilis (168) and again

observed reduced acidification in the laboratory-adapted strain (Figure 2.7). Thus, these

data confirm that the late-onset increase in ECAR is a biofilm-specific change in energy

metabolism.

Figure 2.5. Differences in energy metabolism between biofilm and planktonic
B. subtilis. (a) Measurements of OCR and ECAR in biofilm wild type (3610,
green, n = 23) and non-biofilm mutant (3610 ∆sinI, purple, n = 18) strains of
B. subtilis. Mean is shown with standard error. (b) Scatterplot of OCR and
ECAR at the 4-hour time point for biofilm wild type (3610, green, n = 23) and
non-biofilm mutant (3610 ∆sinI, purple, n = 18) strains of B. subtilis. ECAR is
significantly lower in the non-biofilm mutant (Mann-Whitney U-test, p < 1E-6),
while OCR is not (Mann-Whitney U-test, p = 0.36). (c) Overall level of ECAR
is lower in the non-biofilm mutant (3610 ∆sinI, shown in purple) compared to
the wild type biofilm strain (3610, shown in green) of B. subtilis reflecting higher
levels of respiration and acidification in biofilms.
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Figure 2.6. Biofilms have a more alkaline pH than planktonic cells despite
higher measured rates of acidification. (a) Scatterplot of pH and O2 (mmHg) at
the 4-hour time point in biofilm wild type (3610, green, n = 23) and non-biofilm
mutant (3610 ∆sinI, purple, n = 18) strains of B. subtilis. (b) Scatterplot of pH
and O2 (mmHg) at the 4-hour time point for undomesticated, biofilm-forming
strain (3610, green, n = 23) and domesticated, non-biofilm laboratory strains
(168, orange, n = 18) of B. subtilis.

Figure 2.7. The reduction in acidification for planktonic cells compared to
biofilms is also observed using a laboratory-adapted strain (168). (a) Measure-
ments of OCR and ECAR in the undomesticated, biofilm-forming strain (3610,
green, n = 23) and domesticated, non-biofilm laboratory strains (168, orange,
n = 18) of B. subtilis. Mean is shown with standard error. (b) Scatterplot of
OCR and ECAR at the 4-hour time point for undomesticated, biofilm-forming
strain (3610, green, n = 23) and domesticated, non-biofilm laboratory strains
(168, orange, n = 18) of B. subtilis.

2.2.3.1. pH differences between the biofilm and planktonic context. We also

investigated how biofilm and planktonic energy metabolism was effected by extracellular
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pH. Previous studies have found that pH conditions outside of a cell’s preferred pH range

(e.g. pH 6.5 to 7.5 for neutrophiles) can disrupt ability to maintain functional proton

motive force (PMF) and thus respiration [100, 101, 102]. Using unbuffered MSgg, we

created several pH conditions (pH 3.0, 4.1, 4.6, 5.1, 5.6, 6.1, 6.6, 7.1, 7.6, 8.1, and 8.6)

and inoculated either WT or ∆sinI in the Seahorse microplate. We then compared the

average OCR and ECAR rates of both strains across pH conditions to determine how the

bacterial lifestyles adapted their energy metabolism to different pH conditions (Figure

2.8).

Figure 2.8. OCR vs. ECAR for WT and ∆sinI across various pH conditions.
Left, Measurements of average OCR vs. ECAR in the undomesticated, biofilm-
forming strain (3610, n = 3). Right, Measurements of average OCR vs. ECAR
in the planktonic strain (∆sinI, n = 3) of B. subtilis.

Interestingly, we observed that the biofilm-forming 3610 had higher average OCR and

ECAR overall across pH conditions compared to planktonic ∆sinI, suggesting perhaps that

biofilm formation helped enable energy metabolism even in non-ideal pH conditions. To

directly probe this, we utilized a feature of the Seahorse platform and ECAR calculation

where the instrument directly measures extracellular pH. We then compared the initial

starting pH (where each strain was inoculated into) and the end pH (to determine the

effects of growth and metabolic activity). Surprisingly, we found that when starting at pH
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5.6 to 8.1, WT biofilms ended at an extracellular pH of approximately 7 whereas ∆sinI

culture end pH mainly tracked with initial pH (Figure 2.9).

Figure 2.9. End vs. starting pH for WT and ∆sinI across various pH conditions.
Strains were grown in the Seahorse Xe96 at pH 3.0, 4.1, 4.6, 5.1, 5.6, 6.1, 6.6,
7.1, 7.6, 8.1, and 8.6 in bufferless MSgg. Extracellular pH values were obtained
from the raw ECAR Seahorse data. Strains: NCIB 3610 WT and ∆sinI, n=3
each.

This results suggested that biofilm development allowed for some kind of pH regulation

over the biofilm extracellular space, and would serve as inspiration for future studies in

Chapter 3.

2.2.4. Metabolic responses to antibiotic treatment are coordinated in biofilms

Motivated by the difference in ECAR, we next wanted to determine whether biofilms

differentially respond metabolically to antibiotic perturbations. In our assay, we admin-

istered a variety of antibiotic types at an equivalent inhibitory dose to resolve differences

in metabolic response independent of lethality. After four hours of baseline measurement,

we used the integrated injection ports to administer antibiotics and assayed metabolic

response by capturing the resulting dynamics of ECAR and OCR (Figure 2.10a). We
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quantified metabolic responses by using the mean of a one-hour window from the baseline

measurement before antibiotic injection (initial value) and the mean of a one-hour win-

dow nine hours after antibiotic injection (final value) to calculate percent change (Figure

2.10b). We assembled a broad panel of antibiotics targeting cell wall synthesis, nucleic

acid synthesis, and protein synthesis (Figure 2.10c). In particular, we included several

aminoglycosides (kanamycin, neomycin, and spectinomycin) which have been reported to

produce energy metabolic changes as part of their lethality [103]. Thus, these exper-

iments would allow us to not only demonstrate the reliability of our method, but also

to determine whether the reported metabolic response to antibiotics is preserved in the

natural biofilm context.



45

Figure 2.10. Planktonic and biofilm cells have different metabolic responses to
antibiotic perturbations. (a) Sensor cartridges contain four integrated injection
ports per well. (b) We injected each antibiotic at the 4-hour time point of a
12-hour experiment. To quantify metabolic response, we took the means of the
one-hour window before antibiotic injection (initial value) and nine hours after
antibiotic injection (final value) to calculate the percent change. (c) Panel of
antibiotics used in this study organized by mode of action. (d) Scatterplot of
mean ∆OCR (%) versus mean ∆ECAR (%) to visualize metabolic response for
biofilm (3610, n = 6 for all except ery, n = 9 and nm, n = 3) and non-biofilm
mutant (3610 ∆sinI, n = 3) strains of B. subtilis (error bars ±SE). Gray line
for wild type indicates linear fit to experimental data (R2 = 0.98) which is not
observed in the ∆sinI non-biofilm mutant (R2 = 0.37).

We administered the panel of antibiotics and measured the metabolic response (OCR

and ECAR) in each case. For each antibiotic perturbation, we calculated the percent

changes for OCR and ECAR, ∆OCR and ∆ECAR respectively, for 3610 and 3610 ∆sinI

(Figure 2.10d). We observed that the biofilm antibiotic responses followed a linear re-

lationship (R2 = 0.98) between mean ∆OCR and mean ∆ECAR, suggesting that these

energy metabolic responses to antibiotics are co-regulated in biofilms. In contrast, the



46

planktonic OCR and ECAR responses were much less linear (R2 = 0.37). In particular,

by quantifying the residuals for each antibiotic, we found that the strongest outliers from

the expected linear relationship were aminoglycosides with increased ∆OCR compared

to the biofilm context (Figure 2.11). This finding is consistent with previous studies

which reported that aminoglycosides increase aerobic respiration as part of their lethality

[103]. These data imply that biofilms co-regulate oxidative and acidification processes

during antibiotic treatment which may contribute to their antibiotic resistance, especially

in the case of aminoglycosides. Important future work will involve unraveling the mecha-

nisms by which biofilms are capable of regulating their energy metabolism to resist these

metabolically-directed attacks.

Figure 2.11. Comparison of residuals from a linear regression between mean
∆OCR and mean ∆ECAR. The wild type 3610 strain has a better overall fit (R2

= 0.98) than the non-biofilm mutant (R2 = 0.37).



47

2.3. Discussion

Biofilm formation and energy metabolism have been linked in multiple model sys-

tems [104, 105, 106, 107]. In particular, it is known in the opportunistic pathogen

Pseudomonas aeruginosa that bacterial community structure is linked to respiration and

electron acceptor availability [107]. In the case of Bacillus subtilis, it has been simi-

larly suggested that aerobic respiration limitation is associated with the transition to

multicellularity in biofilm communities [106]. Our results suggest respiration levels are

comparable in biofilms and planktonic cells, while extracellular acidification associated

with glycolysis and fermentation is higher in biofilms. These findings reflect increased

heterogeneity of metabolic states in biofilm communities. Based on the literature, we

hypothesize that the non-growing interior regions of the biofilm (which lack access to

oxygen) perform acidifying fermentation while the actively growing peripheral regions

perform oxidative phosphorylation [16]. By generating heterogeneity of metabolic states

within the community, biofilms are thus capable of maintaining high rates of respiration

while also performing alternative energy metabolism, such as fermentation. As a result,

biofilms may have mechanisms to coordinate changes in oxygen consumption and extra-

cellular acidification that could be utilized during antibiotic exposure. Such co-regulation

of aerobic respiration and glycolytic activities in biofilms may play a role in antibiotic

resistance, especially in the case of aminoglycosides which have been reported to modu-

late respiration as part of their lethality. In agreement with this, aminoglycosides elicited

an increase in respiration when comparing against the biofilm antibiotic response. We

observed the reported respiration effects of antibiotics for planktonic bacteria but not

in the natural biofilm context, and it therefore appears that biofilms exhibit an altered
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energy metabolic response to antibiotics. These findings may serve to explain why there

have been differing descriptions of the role of aerobic respiration in antibiotic resistance

thus far. Future work will involve determining the mechanisms by which bacterial biofilm

communities co-regulate their energy metabolic processes to evade these effects of an-

tibiotics. For example, it is possible that disrupting biofilm-specific acidification may

provide a means to render biofilms more susceptible to antibiotics. In this context, the

high-throughput nature of our method is compatible both with genetic studies using

deletion libraries as well as chemical small molecule screens. Our method will enhance

basic microbiology studies toward understanding the emergent metabolic behaviors of the

most pervasive bacterial lifestyle, while also accelerating biomedical research to combat

antibiotic resistant biofilm-mediated infections.

2.4. Methods

2.4.1. Strains

Strain Organism Genotype

Wild type B. subtilis NCIB 3610

∆sinI B. subtilis NCIB 3610 sinI ::neo

2.4.2. Growth conditions

Bacteria were grown in Luria-Bertani (LB) rich media overnight and or grown day-of

experiment and seeded into MSgg media. Biofilms in fully buffered conditions were grown

in standard MSgg, which contains 100 mM MOPS, 5 mM potassium-phosphate buffer

(pH 7), 2 mM MgCl2, 700 µM CaCl2, 50 µM MnCl2, 100 µM FeCl3, 1 µM ZnCl2, 2 µM
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thiamine HCl, 0.5% (v/v) glycerol, and 0.5% (w/v) monosodium glutamate. Biofilms in

minimally buffered conditions were grown in modified MSgg, which contains 1 mMMOPS,

5 mM potassium-phosphate buffer (pH 7), 2 mM MgCl2, 700 µM CaCl2, 50 µM MnCl2,

100 µM FeCl3, 1 µM ZnCl2, 2 µM thiamine HCl, 0.5% (v/v) glycerol, and 0.5% (w/v)

monosodium glutamate. The glutamate stock which was made fresh day of experiment.

2.4.3. Seahorse assay protocol

Two days prior to the assay, we grew Bacillus subtilis strains overnight on LB agar at 37○C.

One day prior to assay, we inoculated a single colony into LB broth and grew until the

culture reached late log-phase growth (approximately OD600 nm 0.8 in the case of Bacillus

subtilis). Next, we loaded samples by inoculating 1 µL culture into 149 µL bufferless

Msgg (minimal media excluding buffers) into the microplate (Agilent) and kept in a

static incubator for 24 hours at 30○C to allow biofilm formation. After loading samples,

probes were hydrated according to the Agilent-specified protocol and stock solutions were

prepared for injection, if required. On the day of the assay, we hydrated probes to

completion and loaded injections according to the Agilent-specified protocol. Finally, the

Seahorse measurement was defined and performed using the integrated software.

2.4.4. Biofilm formation assay

Biofilm formation assays were conducted following the completion of the Seahorse assay.

The wells were rinsed twice with distilled water to remove non-adherent planktonic bac-

teria. Cells were fixed using 0.1% (w/v) crystal violet stain for 15 minutes. Stain was

removed and wells were washed with distilled water twice. Crystal violet solution was
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resuspended in ethanol and optical density was measured at 595 nm using a microplate

reader (TECAN). To correct the background staining of crystal violet, the mean optical

density at 595 nm of the negative control was subtracted from the mean optical density

at 595 nm of biofilm formation by Bacillus subtilis.

2.4.5. Statistical calculations

Statistics were calculated using Scipy 1.1.0 in Python 3.6. To determine significance a

non-parametric Mann-Whitney U-test was used, as a Shapiro-Wilk test indicated that

the assumption of normality could not be made. Linear regression was performed using

a linear least-squares regression. Plots were made using Matplotlib 3.0.0, and Pandas

0.23.4. For each replicate percent change was calculated from the mean of a one-hour

window (initial value) and the mean of a one-hour window nine hours later (final value).

After calculation of percent change the mean and standard error of the replicates was

determined.
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CHAPTER 3

Active pH control in biofilms

3.1. Background

Bacteria inhabit a diverse range of environmental niches and engage in specific lifestyles

to thrive within their local environment. In controlled laboratory conditions, bacteria

primarily exist as planktonic (free-swimming) individuals whereas in natural environments

bacteria often form sessile, multicellular communities known as biofilms [1, 2]. Biofilms

create a densely packed local environment with extracellular matrix (ECM) [3, 4] that can

give rise to complex emergent behaviors such as cell-to-cell signaling [5, 6], macroscopic

spatiotemporal organization [7, 8, 9], and metabolic remodeling [10, 11]. Furthermore,

the biofilm structure creates a diffusion barrier and resulting local concentration gradients,

producing habitat diversity and increased resilience against antibiotics [12, 13, 14]. Thus,

the biofilm state confers advantages to individual bacteria for persisting in their local

environment that are unavailable to planktonic cells.

However, this dense cellular proliferation can also create unique metabolic challenges.

In particular, rapidly growing biofilm bacteria engage in overflow metabolism where car-

bon is not completely oxidized via respiration and instead only partially oxidized via

fermentation [108, 109]. This counter-intuitive strategy enables rapid growth by circum-

venting production of energy-intensive respiratory enzymes while using increased meta-

bolic flux into fermentation pathways that produce excretable byproducts such as lactate
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and acetate [108, 110]. In the densely packed and diffusion-limited biofilm environment,

these acidic metabolites can accumulate and exacerbate metabolic stress on sessile biofilm

cells [111, 112]. Importantly, excessively acidic conditions disrupt a cell’s ability to main-

tain functional proton motive force (PMF), increase energy expenditure for maintaining

intracellular pH homeostasis, and impede growth via degradation of enzymatic activity

[100, 101, 102]. These effects may be particularly pronounced for Gram-positive bacte-

ria that possess only a single cell membrane where the electron transport chain (ETC) is

directly exposed to extracellular pH [113]. Consequently, biofilm cells must maintain pH

homeostasis against increasingly acidic conditions that arise during biofilm development.

These acidification challenges are usually masked by buffered laboratory media em-

ployed to stabilize the pH environment for optimal bacterial growth [114, 115]. In

contrast, bacteria in nature persist in settings that often lack robust buffering systems

and face significant pH variation from environmental sources and heterogeneous mixing

[1, 2, 116]. Indeed, natural environments such as the soil, ocean, and human gastroin-

testinal tract exhibit pH gradients that can influence microbial population composition

and behaviors [117, 118, 119, 120]. It therefore remains unclear how biofilms main-

tain growth, PMF, and pH homeostasis against the acidification associated with biofilm

growth in such minimally buffered environments. To approach this question, we estab-

lished a biofilm model system with a minimally buffered media that preserves cellular

growth while enabling measurement of the local pH. Our findings reveal that biofilms use

an active pH regulation mechanism to facilitate biofilm development in minimally buffered

conditions.
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3.2. Results

3.2.1. Modulation of extracellular pH by B. subtilis biofilms in minimally

buffered conditions

Figure 3.1. Emergence of extracellular acidification during biofilm develop-
ment. a, Schematic showing biofilm development and acidification of the local
environment. b, Schematic showing measurements of extracellular pH in biofilms
across different buffered environments, using a cell-impermeable pH reporter,
BCECF free acid.

In the planktonic lifestyle, acidic metabolic byproducts produced through via overflow

metabolism can freely diffuse into the bulk medium, thereby minimizing local acidification

(Figure 3.1a) [121, 122]. In contrast, in densely packed bacterial communities known as

biofilms, acidic metabolic byproducts accumulate in the local environment due to lim-

ited diffusion (Fig. 1a) [123, 124, 125]. In buffered laboratory media, such excessive

acidification is counteracted by an external chemical buffer such as MOPS (Figure 3.1b,

left) [114, 115]. The external chemical buffer allows densely packed biofilms to continue

proliferating despite the accumulation of acidic metabolic byproducts. While experimen-

tally convenient, the common use of external chemical buffers in biofilm experiments

provokes the question of how undomesticated biofilms in nature cope with largely mini-

mally buffered conditions (Figure 3.1b, right). Accordingly, we wondered whether biofilms

have active strategies for mitigating the accumulation of acidic metabolic byproducts.
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To approach this question, we established a minimally buffered experimental system

capable of tracking extracellular pH during biofilm development. Specifically, we modified

the defined media MSgg, commonly used to grow Bacillus subtilis NCIB 3610 biofilms,

by systematically varying each buffer component while monitoring growth and biofilm

development. We found that reducing the MOPS buffer concentration from 100 mM to

1 mM while maintaining standard potassium-phosphate buffer levels permitted biofilm

growth and development without measurable defect (Figure 3.2, 3.3).

Figure 3.2. B. subtilis NCIB 3610 biofilms grown in fully and minimally
buffered MSgg media. Left, images of Bacillus subtilis NCIB 3610 grown on
fully buffered MSgg media containing 100 mM MOPS vs. minimally buffered.
Images correspond to biofilms at 48h, scale bar represents 5 mm. Right, CFU
measurements of 3610 biofilms grown on buffered and minimally buffered MSgg.
Biofilms were harvested at 24 and 48 h. Images correspond to biofilms at 48h,
scale bar represents 5 mm. Data: mean ± std, n=3 technical replicates. Strain:
NCIB 3610.
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Figure 3.3. Biofilm growth measurements in buffered (100 mM MOPS) and
minimally buffered (1 mM) MSgg media over time. a, Biofilm cell density mea-
surements over time. Biofilms were harvested in protocol outlined in Methods
section. Data: mean ± std, n=3 technical replicates. b, 3610 WT and ∆sinI cell
density measurements in minimally buffered (1 mM MOPS) MSgg. Both strains
were harvested in protocol outlined in Methods section. Data: mean ± std, n=3
technical replicates.

To track biofilm pH, we utilized 10 uM BCECF free acid, a cell-impermeable dye

whose fluorescence linearly scales with the physiologically relevant pH range 5 to 9 (Figure

3.4). We could then grow 3610 WT biofilms in static liquid MSgg (minimally buffered

vs. fully buffered) with 10 uM BCECF free acid at 30○C to form liquid-air pellicles and

track BCECF fluorescence over 68 h. This experimental system permits the dynamic

measurement of extracellular pH during biofilm development in a minimally buffered

environment.
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Figure 3.4. BCECF free acid fluorescence over extracellular pH. BCECF free
acid was added into MSgg media at 10 uM concentration and measured at
490/535 nm Ex/Em, Red data points represent BCECF measurements taken
at 0 h (directly after media preparation) and blue data points represent BCECF
measurements taken after approximately 65.9 h in MSgg media incubated at
30○C. Both data sets were fitted with a simple linear regression with R2 = 0.94
in both cases. For each experiment, a BCECF standard curve was used to inter-
nally calibrate BCECF signal to pH and subsequently convert measured BCECF
fluorescence during biofilm growth to extracellular pH.
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Using this experimental system, we found that B. subtilis displays a striking two-

phase pH dynamic during biofilm development that is completely masked in standard

MSgg media (Fig. 1d). Specifically, we observed an initial acidification phase (15.0 ± 0.3

h) followed by an extended alkalinization phase (31.2 ± 0.5 h) that ultimately returns the

pH to the neutrophile range (Figure 3.6a). Biofilms acidify to approximately pH 5.5 at an

average rate of 0.06 ± 0.0008 pH/h and alkalinize back to pH 6.9 at an average rate of 0.03

± 0.0005 pH/h (n=42). We verified that this dynamic is not due to changes in growth rate

(Figure 3.3a) and observed that the alkalinization phase occurred during latter biofilm

development. Furthermore, we found that a planktonic mutant strain (3610 ∆sinI) was

unable to return to neutral (one-sided t-test, n=42, p<0.000001) due to a complete lack

of the alkalinization phase (Figures 3.6b, 3.7). As before, we verified that the absence

of alkalinization was not due to differences in growth (Figure 3.3b). Thus, we concluded

that the two-phase pH dynamic is specific to the biofilm lifestyle.

Figure 3.5. Extracellular pH tracked over time with NCIB 3610 biofilms in
buffered (100 mMMOPS) and minimally buffered (1 mMMOPS) MSgg. Biofilms
were grown statically at 30○C. Extracellular pH is calculated from the fluorescence
intensity (535 nm) of a cell-impermeable pH reporter, BCECF free acid, over
time. Data: mean ± std, n=4 technical replicates. Strain: NCIB 3610.
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(a) (b)

Figure 3.6. Extracellular pH measurements for NCIB 3160 biofilms and plank-
tonic cells. a, Extracellular pH measurements for NCIB 3610 WT biofilms. Data:
mean ± std, n=42 technical replicates. Strain: NCIB 3610. b, Extracellular pH
measurements for planktonic mutant NCIB 3610 ∆sinI. Data: mean ± std, n=42
technical replicates. Strain: NCIB 3610 ∆sinI.

Figure 3.7. Comparison of extracellular pH between 3610 WT and ∆sinI after
60 h of growth. Biofilm end pH values were statistically higher compared to
planktonic mutant (p<0.05). Data: n=42 technical replicates per strain. Statis-
tical significance was calculated using a Students t-test with p<0.000001. Strains:
NCIB 3610 and NCIB 3610 ∆sinI.
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3.2.2. Genetic mechanisms responsible for extracellular pH modulation in

biofilms

We sought to determine the genes responsible for driving the observed acidification and

alkalinization. We considered metabolic pathways and processes that could both acidify

and alkalinize the biofilm environment (Figure 3.8).

Figure 3.8. Schematic showing metabolic pathways in B. subtilis NCIB 3610
that are potential sources for extracellular acidification and alkalinization. Poten-
tial acidification pathways are highlighted in red whereas potential alkalinization
pathways are highlighted in blue.
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We first investigated ETC-associated complexes that can act as proton pumps and

could drive acidification of the biofilm environment. We individually disrupted all 5 B.

subtilis ETC complexes with known proton pump function and observed that no deletion

produced significant change to the observed pH dynamic (Figure 3.9a). In the case of

∆ctaCD, ∆qoxA, ∆cydA, and ∆ythB mutants, each deletion was a major subunit in the

ETC complex resulting in total loss of function for that enzyme. These results suggest

that common sources of direct proton transport are not responsible for the observed pH

dynamic.

We next suspected fermentation as a source of acidification since it is known that

proliferating bacteria excrete acidic metabolites during overflow metabolism [109]. We

initially suspected lactate fermentation, as lactate is commonly produced during expo-

nential and stationary growth to replenish redox carriers [126]. Surprisingly, a lactate

production-deficient mutant (∆ldh) did not show any difference in acidification com-

pared to WT (Figure 3.9b). We then considered acetate fermentation, where acetate

production similarly yields ATP and provides a substrate for the TCA cycle (Figure 3.8).

To determine if acetate fermentation is involved in biofilm pH regulation, we generated

mutants for each enzyme in the acetate biosynthesis pathway. While an ackA mutant

(∆ackA) retained the acidification phase (Figure 3.9c), a double mutant of ackA and

acsA (∆ackA∆acsA), where acsA is an enzyme which can reversibly convert acetate into

acetyl-CoA, had a reduced acidification phase. We quantified this reduction and observed

that the ∆ackA∆acsA mutant had an acidification rate approximately 48% less com-

pared to wild type. Therefore, we concluded that acetate production is a primary source

of acidification during biofilm development.
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Figure 3.9. Potential pathways for extracellular acidification in biofilms. a,
Extracellular pH measurements for proton pump mutants. Data: mean ± std,
n=3 technical replicates. Strains: NCIB 3610, ∆ctaCD, ∆cydA, ∆ndh, ∆qoxA,
∆ythB. b, Extracellular pH measurements for lactate dehydrogenase mutant,
∆ldh. Data: mean ± std, n=3 technical replicates. Strains: NCIB 3610, ∆ldh.
c, Extracellular pH measurements for acetate biosynthesis and catabolism mu-
tants. Data: mean ± std, n=3 technical replicates. Strains: NCIB 3610, ∆ackA,
∆ackA∆acsA, ∆acsA.

On the other hand, to determine the genetic mechanism of alkalinization, we ini-

tially suspected ammonia as a critical community metabolite and known volatile alkaline

species. However, deleting enzymes involved in ammonia synthesis produced no change

to the alkalinization phase (Figure 3.10a). We then considered acetoin biosynthesis as a
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Figure 3.10. Potential pathways for extracellular alkalinization in biofilms. a,
Extracellular pH measurements for ammonia biosynthesis mutants. Data: mean
± std, n=3 technical replicates. Strains: NCIB 3610, ∆rocF, ∆speB, ∆ureA. b,
Extracellular pH measurements for acetoin biosynthesis and catabolism mutants.
Data: mean ± std, n=3 technical replicates. Strains: NCIB 3610, ∆alsS, ∆alsD.
∆acoaA.

pathway that has been speculated to circumvent lethal acidification via consumption of

free protons [127, 128, 129]. The acetoin pathway consists of two enzymatic conversion

steps where alsS (acetolactate synthase) converts pyruvate to acetolactate and alsD (ace-

toin synthase) converts acetolactate to acetoin, with each step consuming a proton (Figure

3.8). We generated mutants for each step and observed that both the alsS (∆alsS) and

alsD (∆alsD) mutants retained the acidification phase yet completely lost the alkaliniza-

tion phase (Figure 3.10b). We found that acetoin itself (up to 5 mM) produces no change

in the magnitude nor timing of alkalinization (Figure 3.11). Therefore, we concluded that

the acetoin biosynthesis process is responsible for alkalinization.
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Figure 3.11. Extracellular pH measurements for biofilms grown in the presence
of exogenous acetoin. Acetoin added to the starting minimally buffered MSgg
with 10 uM BCECF at 0, 0.5, and 5 mM concentrations and inoculated with
NCIB 3610 at 30○C. Biofilms were grown for approximately 50 h and BCECF.
Data: mean ± std, n=3 technical replicates.
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3.2.3. Active pH regulation during biofilm development via acetoin biosyn-

thesis

We then asked whether biofilms could utilize acetoin biosynthesis as an active pH regu-

lation mechanism. We grew biofilms in minimally buffered MSgg media conditioned to

a range of initial pH values (pH 6 to 9) and tracked the local pH and alsS expression in

each case (Figure 3.12).

Figure 3.12. Schematic showing experimental workflow for growing biofilms
across pH range and measuring extracellular pH dynamics during development.

Strikingly, we found that biofilms conditioned their local pH to the preferred neu-

trophile range by modulating both the magnitude and duration of the alkalinization phase

(Figure 3.13a).

Specifically, in acidic initial conditions (pH 6) alkalinization proceeded at a rate of

0.03 pH/h over a longer duration (36.6 ± 0.4 h) compared to neutral initial conditions

(31.2 ± 0.5 h) (Fig. 3c, d). Conversely, biofilms grown in basic conditions (pH 8 and 9)
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Figure 3.13. Characterization of biofilm extracellular pH dynamics during de-
velopment. b, Measurement of extracellular pH for NCIB 3610 biofilms grown
across a range of starting pH conditions (pH 6, 7, 8, 9). Dashed grey area rep-
resents optimal extracellular pH for neutrophile organisms. Biofilms were grown
at 30○C statically. Data: mean ± std, n=3 technical replicates. c, Average acid-
ification and alkalinization rates for biofilm extracellular pH. Data from ∆pH/h
traces were analyzed and averaged to determine biofilm acidification (< 0 ∆pH/h)
and alkalinization (> 0 ∆pH/h). Data: mean ± std, n=3 technical replicates. d,
Phase duration for biofilm pH dynamics. Data from ∆pH/h traces were analyzed
to determine biofilm acidification and alkalinization phase duration, by measur-
ing time periods where ∆pH/h was predominately <0 and >0 respectively. Data:
mean ± std, n=3 technical replicates.

minimized alkalinization in both magnitude and duration (Figures 3.13b, 3.13c). Interest-

ingly, while the observed phases differed, biofilms grown at each pH condition produced
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similar matrix levels as indicated by safranin staining (3.14). In agreement with these pH

measurements, a PalsS-YFP reporter strain revealed that alsS expression was increased

in acidic conditions and decreased in alkaline conditions (Figure 3.13c). Consequently,

∆alsS mutant biofilms failed to maintain their local pH in the preferred neutrophile range

(Fig. 3e). Our data reveals that biofilms can use acetoin biosynthesis as an active pH

regulation mechanism to mitigate growth-associated acidification even in non-ideal pH

environments.

Figure 3.14. Safranin staining of biofilms grown at various pH starting condi-
tions in minimally buffered MSgg. Biofilms were allowed to grow for approxi-
mately 68 h at 30Â°C. Biofilm matrix was isolated via aspiration of remaining
media and air dried overnight at room temperature. Matrix was then stained
with safranin solution for 10 min, washed three times with water, and allowed to
dry for another 30 minutes. 30% acetic acid was added to the matrix and allowed
to stain for 30 minutes before measuring final optical density of the stained ma-
trix at 530 nm.
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Figure 3.15. Measurements of acetoin biosynthesis via genetically encoded re-
porters for acetolactate synthase (alsS). Data: mean ± std, n=3 technical repli-
cates. Strain: NCIB 3610

Figure 3.16. Measurement of extracellular pH for NCIB 3610 ∆alsS mutant
biofilms grown across a range of starting pH conditions (pH 6, 7, 8, 9). Dashed
grey area represents optimal extracellular pH for neutrophile organisms. Biofilms
were grown at 30Â°C statically. Data: mean ± std, n=3 technical replicates.
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To validate acetoin biosynthesis as an active pH regulation mechanism, we performed

RNA sequencing (RNAseq) on WT and ∆alsS mutant biofilms to identify differentially

expressed genes (DEGs) in both normal and minimally buffered media. We confirmed that

the alsSD pathway was upregulated in WT biofilms in minimally buffered media (Fig. 3f).

Interestingly, we found that ∆alsS mutant biofilms grown in minimally buffered media

upregulated ilvBH, an alternate acetolactate synthase that could potentially compensate

for loss of alsS activity (Figure 3.17). We confirmed that ∆ilvBH mutant biofilms also

showed reduced alkalization, but with an added growth defect due to the role of ilvBH in

branched-chain amino acids biosynthesis (Supplemental Fig. 5). As expected, we observed

upregulation of several acid stress genes in ∆alsS mutant biofilms grown in minimally

buffered media (Figure 3.18). In addition, we observed upregulation of several oxidative

stress genes in ∆alsS mutant biofilms (Figure 3.18). This oxidative stress may result from

a dysregulation of the PMF when active pH regulation is absent. Taken together, these

results confirm that biofilms utilize acetoin biosynthesis as a form of active pH regulation

to maintain pH homeostasis and minimize cellular stress.
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Figure 3.17. Heat map showing differentially expressed genes in overflow me-
tabolism and potential candidates for extracellular acidification and alkaliniza-
tion, induced by minimization of extracellular buffer, n=3.
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Figure 3.18. Heat map showing differentially expressed genes in acid and ox-
idative stress, induced by minimization of extracellular buffer, n=3.

3.2.4. Physiological characterization of B. subtilis biofilms and buffering-deficient

mutants

Accordingly, we wondered if active pH regulation could facilitate biofilm development in

minimally buffered conditions. We first compared WT and ∆alsS biofilms on buffered

media and found no significant difference in their overall growth and morphology (Fig-

ure 3.19a, top). However, while WT biofilms largely maintained biofilm morphology in

minimally buffered conditions, ∆alsS mutant biofilms lacked macroscopic wrinkles and

displayed altered biofilm morphology, suggesting a difference in the biofilm ECM that

maintains biofilm structure (Figure 3.19a, bottom). In agreement with these observa-

tions, we found that ∆alsS biofilms had a significantly lower cell count (p<0.001) that

was specific to minimally buffered conditions, suggesting that inability to alkalinize via

acetoin production was detrimental to biofilm growth (Figure 3.19b). These results sug-

gest that acetoin biosynthesis plays a role in biofilm development specific to minimally

buffered environments.
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Figure 3.19. Microscopy and cell density quantification for NCIB 3610 WT and
∆alsS biofilms grown on buffered and minimally buffered conditions. a, Images of
B. subtilis NCIB 3610 WT and ∆alsS on buffered and minimally buffered MSgg
solid agar, grown over 60 h. Scale bar represents 2 mm. b, CFU measurements
of 3610 WT and ∆alsS biofilms grown on buffered and minimally buffered MSgg
solid agar harvested at 60 h. Data: mean ± std, n=6 technical replicates.

To corroborate these findings, we performed RNAseq analysis to identify DEGs asso-

ciated with biofilm development and extracellular matrix (ECM) production. We found

that ∆alsS mutant biofilms grown in minimally buffered media downregulated 16 of the

18 known ECM-associated genes in B. subtilis while WT biofilms did not (Figure 3.20).

Figure 3.20. Heat map showing differentially expressed genes associated with
matrix and motility in NCIB 3610 WT and ∆alsS biofilms, induced by minimiza-
tion of extracellular buffer, n=3.
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We then created a genetically encoded fluorescent reporter for tapA, the anchoring

and assembly protein for biofilm amyloid fiber. As expected, we found that WT biofilms

displayed comparable tapA reporter expression in both buffered and minimally buffered

conditions, in agreement with our prior observations on biofilm morphology (Figure 3.21d,

left). In contrast, while ∆alsS biofilms had comparable tapA reporter expression in

buffered conditions, we measured significantly reduced (p<0.0001) tapA expression in

minimally buffered conditions (Figures 3.21d, right, 3.21e). Interestingly, both ∆alsS

mutant biofilms and WT biofilms upregulated motility genes in minimally buffered condi-

tions, suggesting that active pH regulation via acetoin biosynthesis may serve to prevent

acidification-associated biofilm dispersal. Taken together, these results confirm that active

pH regulation facilitates biofilm ECM formation in minimally buffered conditions.

Figure 3.21. Microscopy and quantification of tapA matrix protein expression
in NCIB 3610 WT and ∆alsS biofilms, induced by minimization of extracellular
buffer. a, Fluorescence microscopy images of 3610 WT and ∆alsS biofilms ex-
pressing PtapA-CFP on buffered and minimally buffered MSgg solid agar at 36
h. White outline denotes biofilm edge, blue represents tapA matrix expression.
Scale bar represents 2 mm. b, Fluorescence measurements of 3610 WT and ∆alsS
biofilms grown on buffered and minimally buffered MSgg solid agar harvested at
36 h. Data: mean ± std, n=6 technical replicates.
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We then asked how active pH regulation impacts biofilm resilience to antibiotic treat-

ment since previous studies have shown that biofilms can possess more antibiotic toler-

ance compared to planktonic cells [12, 19]. To test this, we grew WT and ∆alsS mutant

biofilms in minimally buffered media and exposed the biofilms to antibiotic treatment.

We chose a panel of antibiotics consisting of kanamycin, tetracyline, streptomycin, and

neomycin, as well as water as a vehicle. We found that ∆alsS mutant biofilms were more

sensitive to kanamycin (16%) and tetracycline (13%) treatment compared to WT biofilms

(Figure 3.16). We also observed a lesser sensitivity to neomycin (7%) and streptomycin

(11%). While disruption of acetoin biosynthesis did not completely sensitize biofilms to

antibiotic treatment, these results suggest that active pH regulation allows biofilms to

grow and produce ECM in tandem to better tolerate such exposures.

Figure 3.22. Antibiotic treatment efficacy (% killed), as measured by CFUs
of harvested biofilms exposed to antibiotic (approximately 1700x MIC values
reported for B. subtilis). % killed metric was calculated by comparing CFU of
viable biofilm cells post 2 h treatment exposure vs. viable cells after exposure to
water vehicle. Data: mean ± std, n=8 technical replicates across two experiments.
Statistical significance was calculated using a Students t-test with * representing
p¡0.05. Strain: NCIB 3610, ∆alsS.
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3.3. Discussion

In our study, we established a minimally buffered system to determine how undomes-

ticated B. subtilis biofilms cope with growth-associated acidification. We discovered an

active pH regulation mechanism that effectively mitigates both growth-associated acidifi-

cation and external pH challenges. This phenomenon is fully masked in buffered labora-

tory media and relies on the pH-dependent expression of acetoin biosynthesis. Disruption

of acetoin biosynthesis results in dysregulated biofilm development, decreased extracellu-

lar matrix production, and increased antibiotic sensitivity. Thus, this active pH regula-

tion mechanism enables biofilms to minimize cellular stresses and maintain community

resilience against both internal growth-associated acidification and external pH challenges

(Figure 3.23).

Figure 3.23. Proposed schematic of active pH regulation in biofilms.

Additional studies will be needed to determine whether this active pH regulation

mechanism is found in other biofilm-forming species. While acetoin biosynthesis is largely

conserved across both Gram-positive and Gram-negative bacteria, the pH-dependent ex-

pression of these pathways, especially in minimally buffered conditions, remains an open
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question. Furthermore, while overflow metabolism has been well characterized in plank-

tonic lab strains of Escherichia coli, its potential impact on biofilm development and pH

regulation remains unclear [109, 130]. We propose that overflow metabolism, and specif-

ically acetoin biosynthesis, provides a critical detoxification pathway for immobilized and

densely packed communities during biofilm development. Our proposal aligns with and

extends mechanistic single-cell level studies that reveal the potential role of acetoin biosyn-

thesis in mitigating local acidification [22]. Future studies may also elucidate how active

pH regulation influences other emergent behaviors observed in biofilms. For example, in

natural environments such as soil, geothermal springs, and human gastrointestinal tract,

variations and gradients in pH give rise to unique bacterial behaviors such as extracellu-

lar electron transport, chemotropy, and increased drug resistance [131, 132, 133]. Our

results are also intriguing to consider alongside recent results which show acetate biosyn-

thesis pathway promoting biofilm development over macroscopic length scales [134, 135].

As biofilm growth appears to necessitate acetate production, it would be interesting to

determine how local acetate production influences nearby communities, and how each

community integrates their local needs with those of their neighbors. Active pH regula-

tion could also help stabilize the PMF of biofilm cells during electrochemical signaling,

enabling cells to modulate ionic efflux and membrane voltage while maintaining cellular

growth. In summary, while chemical buffers are often employed to study biofilms in the

laboratory, they also mask the underlying biology of pH management during biofilm de-

velopment. pH is one of the most fundamental forces shaping chemical biology across

all domains of life. From bacteria to cancer, rapid cellular proliferation demands the

use of overflow metabolism which can often result in excessive acidification. However, in
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the case of bacterial communities known as biofilms, the underlying biological interplay

between growth and pH has been largely masked due to the use of buffered laboratory

media in biofilm studies. The discovery of active pH regulation in biofilms could pro-

vide new opportunities for understanding microbial communities, controlling pathogenic

biofilm growth, and engineering novel biofilm behaviors.
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3.4. Methods

3.4.1. Strains

Strain Organism Genotype

Wild type B. subtilis NCIB 3610

∆sinI B. subtilis NCIB 3610 sinI ::neo

∆ndh B. subtilis NCIB 3610 ndh::kan

∆ctaCD B. subtilis NCIB 3610 ctaCD ::neo

∆cydA B. subtilis NCIB 3610 cydA::neo

∆qoxA B. subtilis NCIB 3610 qoxA::neo

∆ythB B. subtilis NCIB 3610 ythB ::neo

∆ldh B. subtilis NCIB 3610 ldh::kan

∆ackA B. subtilis NCIB 3610 ackA::kan

∆acsA B. subtilis NCIB 3610 acsA::kan

∆ackA∆acsA B. subtilis NCIB 3610 ackA::acsA::kan

∆rocF B. subtilis NCIB 3610 rocF ::kan

∆speB B. subtilis NCIB 3610 speB ::kan

∆ureA B. subtilis NCIB 3610 ureA::kan

∆alsS B. subtilis NCIB 3610 alsS ::kan

∆alsD B. subtilis NCIB 3610 alsD ::kan

∆acoA B. subtilis NCIB 3610 acoA::kan

PalsS-YFP B. subtilis NCIB 3610 sacA::PalsS-YFP::cm

Phag-mCherry, PtapA-
CFP

B. subtilis NCIB 3610 amyE ::Phag-mCherry::mls,
sacA::PtapA-CFP::cm

∆alsS Phag-mCherry,
PtapA-CFP

B. subtilis NCIB 3610 amyE ::Phag-mCherry::mls,
sacA::PtapA-CFP::cm
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3.4.2. Growth conditions

Bacteria were grown in Luria-Bertani (LB) rich media overnight and or grown day-of

experiment and seeded into MSgg media. Biofilms in fully buffered conditions were grown

in standard MSgg, which contains 100 mM MOPS, 5 mM potassium-phosphate buffer

(pH 7), 2 mM MgCl2, 700 µM CaCl2, 50 µM MnCl2, 100 µM FeCl3, 1 µM ZnCl2, 2

µM thiamine HCl, 0.5% (v/v) glycerol, and 0.5% (w/v) monosodium glutamate. Biofilms

in minimally buffered conditions were grown in modified MSgg, which contains 1 mM

MOPS, 5 mM potassium-phosphate buffer (pH 7), 2 mM MgCl2, 700 µM CaCl2, 50 µM

MnCl2, 100 µM FeCl3, 1 µM ZnCl2, 2 µM thiamine HCl, 0.5% (v/v) glycerol, and 0.5%

(w/v) monosodium glutamate. To measure biofilm extracellular pH, 10 µM BCECF free

acid (Biotium) was used in MSgg. Strains were grown to OD 0.8-1.0 in LB, spun down

and resuspended in 1x PBS. 1 µL cell culture was then seeded into 199 µL MSgg in a

96-well microplate (Corning 3904) or into a well with 0.6 mL solid MSgg agar in a 24-well

plate (Corning 3526).

3.4.3. Optical density, fluorescence, and cell density measurements

Optical density (530 and 600 nm), BCECF, and YFP fluorescence in all our studies

were measured using a TECAN Infinite MPLEX plate reader with excitation/emission

wavelength set to 503/530 nm and gain set to 100. To quantify biofilm extracellular pH,

minimally buffered MSgg was prepared for each experiment and conditioned to pH 5,

6, 7, 8, and 9 using 1 M HCl and 1 M NaOH when appropriate. BCECF dye was then

added to these aliquots and included as a standard curve to convert the measured BCECF

fluorescence signal to extracellular pH. Cell density of biofilms or planktonic cultures were
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quantified using a hemocytometer or Logos Biosystems Quantom TX Microbial Counter.

To prepare biofilms for cell density quantification, biofilms were grown for the desired time

in either buffered or minimally buffered MSgg media. Each biofilm was harvested into

1 mL 1x PBS solution and sonicated for 5 s on ice using a Qsonica Q125 125W 20 kHz

sonicator at 60% amplitude. For hemocytometer counting, the resulting cell suspension

was fixed with paraformaldehyde, diluted into PBS, and counted using phase microscopy.

For the Quantom TX, the cell suspension was diluted into PBS and stained using the

Logos Total Cell Staining kit and imaged directly on the Quantom TX.

3.4.4. DNA cloning

Custom promoter sequences were ordered from Integrated DNA Technologies (IDT) or

amplified from the native NCIB genome and cloned upstream of YFP reporter in a B. sub-

tilis integration vector ECE174 (https://bgsc.org/search.php?Search=ece174) with chlo-

ramphenicol resistance. All plasmid assembly was performed using Gibson Assembly

using the Gibson Assembly Master Mix (NEB). The assembled plasmid was transformed

into NCIB 3610 using a natural competence protocol previously described and plated on

LB agar with appropriate selection [136].

3.4.5. RNA isolation

3610 biofilms were grown for 36 h in either buffered or minimally buffered MSgg media.

Each biofilm was harvested into 1 mL 1x PBS solution and sonicated for 5 s on ice using

a Qsonica Q125 125W 20 kHz sonicator at 60% amplitude. RNA was then isolated using

the QIAGEN RNeasy kit (QIAGEN) according to manufacturer’s instructions.
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3.4.6. RNA-sequencing

RNA quality was checked using Bioanalyzer (Agilent) prior to RNA-seq library prepara-

tion. RNA samples with an RNA integrity number >8 were used for library preparation,

which was constructed from 100 ng of RNA with the Illumina Stranded Total RNA Prep,

Ligation with Ribo-Zero Plus kit (Illumina). RNA Sequencing was then performed on

NovaSeq 6000 sequencer and analyzed as previously described. The quality of reads, in

FASTQ format, was evaluated using FastQC. Reads were trimmed to remove Illumina

adapters from the 3’ ends using cutadapt (Martin, 2011). Trimmed reads were aligned to

the Bacillus subtilis genome strain 3610 NCBI CP020102.1 and plasmid NCBI CP020103.1

using STAR (Dobin et al, 2013). Read counts for each gene were calculated using htseq-

count (Anders et al, 2015) in conjunction with a gene annotation file for the reference

genomes obtained from NCBI. Normalization and differential expression were calculated

using DESeq2 that employs the Wald test (Love et al, 2014). The cutoff for determining

significantly differentially expressed genes was an FDR-adjusted p-value less than 0.05

using the Benjamini-Hochberg method.

3.4.7. Microscopy

Biofilm growth was recorded using phase contrast and fluorescence microscopy. The mi-

croscope used was a Nikon Ti2. To image entire biofilms, we used 10x objective and the

stitching function in Nikon Elements to assemble images. Images were taken every hour.

Whenever fluorescence images were recorded, we used the minimum exposure time that

still provided a good signal-to-noise ratio.
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3.4.8. Image analysis

Fiji/ImageJ (National Institutes of Health) was used for image analysis. To measure

biofilm fluorescence, we identified the biofilm area first using phase and creating custom

regions of interests (ROIs) that outlined the biofilm for each frame. We then used the

same ROIs on the relevant fluorescent channel of the same experimental run to measure

average fluorescent reporter signal over time.

3.4.9. Treatment of biofilms with antibiotics

We grew biofilms on minimally buffered MSgg agar for 48 h, harvested the intact biofilms,

and submerged them into 1 mL of treatment solution for 2 h, where the antibiotic con-

centration was approximately 1700 times higher than the reported MIC values for B.

subtilis.50 Treatment concentrations for kanamycin and tetracycline were 12.8 mg per

mL water. Treatment concentrations for streptomycin and neomycin were 17 and 10

mg/mL water respectively. After exposure we washed the biofilms twice with saline solu-

tion (9 g NaCl per liter ddH2O) and sonicated the biofilm solution for 5 s on ice using a

Qsonica Q125 125W 20 kHz sonicator at 60% amplitude. The resulting cell dispersion was

serially diluted into saline solution and plated on LB to count to quantify viable biofilms

cells after treatment.

3.4.10. Statistical analyses

Statistical tests were calculated in GraphPad Prism 9.0. For comparisons between two

independent groups, a Student’s T-test was used. Significance was accepted at p<0.05.

The details of the statistical tests carried out are indicated in respective figure legends.
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CHAPTER 4

Conclusion

Bacteria represent the most abundant form of life on Earth and can colonize nearly

every environmental niche. In these environments, bacteria predominately form multicel-

lular communities known as biofilms where bacteria engage in complex social behaviors

and gain new collective properties (e.g. increased persistence and resilience). Due to

such ubiquity and emergent behaviors, biofilms present an attractive target for engineer-

ing and synthetic biology. Importantly, understanding biofilm physiology can elucidate

mechanisms enabling pathogenic biofilms and provide new modalities for multicellular

control. While biofilms provide individual bacteria many advantages, there still remains

significant need to discover and characterize the processes within biofilms that enable

their behaviors. Furthermore, the dense cellular proliferation associated with biofilm

development also creates intrinsic metabolic challenges including excessive acidification

associated with overflow metabolism. Because such pH stress is commonly masked in

buffered laboratory media, it remains unclear how biofilms cope with minimally buffered

natural environments.

This dissertation addresses these needs with development of new methods to interro-

gate biofilm physiology and behavior in situ with a focus on biofilm energy metabolism

and pH regulation.
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The first contribution of this dissertation is the method development for in situ mea-

surement of biofilm energy metabolism using metabolic flux analysis. The Agilent Sea-

horse Xe96 platform has previously been used to study energy metabolism flux in both

eukaryotic and planktonic bacterial cells, and here we adapt this technology to study

biofilm respiration over the course of biofilm development and maturation. This disserta-

tion shows that B. subtilis biofilms can be 1) cultured in the Seahorse system and 2) show

distinct respiration differences compared to both planktonic and domesticated strains. In

doing so, we can now further track how bacteria metabolically remodel as they transi-

tion from the planktonic state to biofilm. Additionally, this methods allows the study

of multiple strains at once per experiment, along with the ability to expose biofilms to

different environmental challenges including pH and drug treatment. This method has

also revealed that biofilm metabolically react to antibiotic treatment distinctly different

compared to planktonic cells. Overall, this provides a robust platform to study biofilm

energy metabolism with relatively high-throughput under many different environmental

conditions.

The second contribution of this dissertation is the discovery and characterization of

active pH regulation in biofilms under minimally buffered conditions. Previous biofilm

studies have been performed in fully buffered conditions, where external chemical buffer

in the culture media can mask underlying pH dynamics in biofilms. Work in this dis-

sertation has shown that biofilms can 1) tolerate minimally buffered conditions without

any significant effect on growth, 2) actively regulate their extracellular pH during biofilm

development to maintain neutral pH and 3) such pH regulation supports biofilm matrix

development and resilience against antibiotic treatment. Overall, this work reveals active
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pH regulation as an emergent behavior in bacterial biofilms that be targeted for future

studies to control biofilm growth.

This dissertation provides new tools to study bacterial biofilms and specifically their

pH dynamics. In doing so, this contributes to our further understanding of biofilms and

will enable future work on controlling and engineering biofilms.

4.1. Future work

Based on the work presented in this dissertation, future efforts can expand in several

directions: 1) improving in situ measurement of biofilm energy metabolism, 2) further

characterizing active pH regulation in biofilms, and 3) engineering pH-stabilizing biofilms.

4.1.1. Improving in situ measurement of biofilm energy metabolism

Future work will involve determining the mechanisms by which bacterial biofilm commu-

nities co-regulate their energy metabolic processes to evade these effects of antibiotics. For

example, it is possible that disrupting biofilm-specific acidification may provide a means

to render biofilms more susceptible to antibiotics. In this context, the high-throughput

nature of our method is compatible both with genetic studies using deletion libraries as

well as chemical small molecule screens. Our method will enhance basic microbiology

studies toward understanding the emergent metabolic behaviors of the most pervasive

bacterial lifestyle, while also accelerating biomedical research to combat antibiotic resis-

tant biofilm-mediated infections.
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4.1.2. Characterizing active pH regulation in biofilms

Future work will be needed to determine whether active pH regulation mechanism is

found in other biofilm-forming species. While acetoin biosynthesis is largely conserved

across both Gram-positive and Gram-negative bacteria, the pH-dependent expression of

these pathways, especially in minimally buffered conditions, remains an open question.

Furthermore, while overflow metabolism has been well characterized in planktonic lab

strains of Escherichia coli, its potential impact on biofilm development and pH regulation

remains unclear [109, 130]. We propose that overflow metabolism, and specifically ace-

toin biosynthesis, provides a critical detoxification pathway for immobilized and densely

packed communities during biofilm development. Our proposal aligns with and extends

mechanistic single-cell level studies that reveal the potential role of acetoin biosynthe-

sis in mitigating local acidification [22]. Future studies may also elucidate how active

pH regulation influences other emergent behaviors observed in biofilms. For example, in

natural environments such as soil, geothermal springs, and human gastrointestinal tract,

variations and gradients in pH give rise to unique bacterial behaviors such as extracellu-

lar electron transport, chemotropy, and increased drug resistance [131, 132, 133]. Our

results are also intriguing to consider alongside recent results which show acetate biosyn-

thesis pathway promoting biofilm development over macroscopic length scales [134, 135].

As biofilm growth appears to necessitate acetate production, it would be interesting to

determine how local acetate production influences nearby communities, and how each

community integrates their local needs with those of their neighbors. Active pH regula-

tion could also help stabilize the PMF of biofilm cells during electrochemical signaling,
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enabling cells to modulate ionic efflux and membrane voltage while maintaining cellular

growth.

4.1.3. Engineering pH-stabilizing biofilms

Opportunity remains to co-opt the complex social behaviors of biofilms (e.g. cell-to-cell

signaling, division of labor, and matrix production) for medicine, biomanufacturing, and

environmental remediation. Additionally, basic scientific study of these processes could

provide inspiration for more sophisticated synthetic gene circuits beyond the biofilm con-

text, especially with relation to pH regulation. In addition to intercellular coordination,

the physical robustness and environmental persistence of biofilms could enable new living

materials and robust deployment of engineered bacteria into target environments. Indeed,

future efforts can be directed towards engineering biofilms with pH-regulating circuits such

that biofilms can maintain their preferred local extracellular pH even in heterogeneous and

non-ideal conditions. These advances may also prove valuable beyond synthetic biology,

impacting fields spanning materials science, ecology, and medicine. Overall, engineering

individual bacteria has been instrumental to the advancement of synthetic biology thus

far and the field is now poised to leverage bacterial biofilms for next generation synthetic

biology applications



86

CHAPTER 5

Publications

The following list presents publications with work from this dissertation in chronolog-

ical order.

(1) Schofield Z, Meloni GN, Tran P, et al. Bioelectrical understanding and engineer-

ing of cell biology. J R Soc Interface. 2020;17(166). doi:10.1098/rsif.2020.0013

(2) Tran P, Prindle A. Synthetic biology in biofilms: Tools, challenges, and oppor-

tunities. Biotechnol Prog. 2021;37(5). doi:10.1002/btpr.3123

(3) Quillin SJ, Tran P, Prindle A. Potential Roles for Gamma-Aminobutyric Acid

Signaling in Bacterial Communities. Bioelectricity. 2021;3(2):120-125.

doi:10.1089/bioe.2021.0012

(4) Everett BA, Tran P, Prindle A. Toward manipulating serotonin signaling via

the microbiota-gut-brain axis. Curr Opin Biotechnol. 2022;78.

doi:10.1016/j.copbio.2022.102826

(5) Xia J, Hepler C, Tran P, Waldeck N, Li T, Bass J, Prindle A. Engineered

calprotectin sensing probiotics for IBD surveillance in humans. Proc Natl Acad

Sci. 2023 Accepted.

(6) Tran P, Prindle A. Active pH regulation facilitates biofilm development in min-

imally buffered environments. 2023 Submitted.
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pling between distant biofilms and emergence of nutrient time-sharing. Science,

356:638–642, 2017.

[27] Katie Brenner, Lingchong You, and Frances H. Arnold. Engineering microbial con-

sortia: a new frontier in synthetic biology. Trends in Biotechnology, 26:483–489,

2008.

[28] Kuili Fang, Oh Jin Park, and Seok Hoon Hong. Controlling biofilms using synthetic

biology approaches. Biotechnology Advances, 40:107518, 2020.

[29] Thomas K. Wood, Seok Hoon Hong, and Qun Ma. Engineering biofilm formation

and dispersal. Trends in Biotechnology, 29:87–94, 2 2011.

[30] Krystyna I. Wolska, Anna M. Grudniak, Zofia Rudnicka, and Katarzyna Markowska.

Genetic control of bacterial biofilms. Journal of Applied Genetics, 57:225–238, 2016.

[31] Stephen J. Kassinger and Monique L. van Hoek. Biofilm architecture: An emerging

synthetic biology target. Synthetic and Systems Biotechnology, 5:1–10, 2020.

[32] Sarah Guiziou, Vincent Sauveplane, Hung-Ju Chang, Caroline Clerté, Nathalie De-
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Larkin, and Tyrrell Conway. Evidence that acetyl phosphate functions as a global

signal during biofilm development. Molecular Microbiology, 48:977–988, 2003.



109

[136] Melissa A. Konkol, Kris M. Blair, and Daniel B. Kearns. Plasmid-encoded comi

inhibits competence in the ancestral 3610 strain of bacillus subtilis. Journal of Bac-

teriology, 195:4085–4093, 2013.



110

APPENDIX A

Appendix 1

A.1. Scientific illustration

During my time at Northwestern University, I have become deeply interested in both

the illustration and communication of scientific concepts and data. Towards this, I have

created various figures for events, successfully funded grants and publications. This would

not be at all possible without the excellent feedback from my lab mates, advisors, and

collaborators. All illustrations were created in Adobe Photoshop and Illustrator.
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Figure A.1. Logo for the inaugural Central US Synthetic Biology Workshop in
2018. This logo is now used as the basis for all workshops since 2018.
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Figure A.2. Recent research shows that both prokaryotes and eukaryotes use
ion- and redox-based electrochemical signals for communication. It has been
shown thatsuch communication enables the organization of growth and develop-
mental processes across multiple length scales. This figure was used in Schofield
et al, J R Soc Interface, 2020.
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Figure A.3. The basis for a bioelectrical view of cells can be motivated by
drawing an analogy between a battery (a) and a biological cell (b). Both systems
rely on ionflows and redox reactions across interfaces. This figure was used in
Schofield et al, J R Soc Interface, 2020.
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Figure A.4. Cartoon illustration of the coupling between the bioelectrical na-
ture of the cell, in particular MP and IMF, and higher level cellular behaviours.
This figure was used in Schofield et al, J R Soc Interface, 2020.
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Figure A.5. PSC patients exhibit decreased enteric microbial diversity and al-
tered species abundances (dysbiosis). These bacteria are thought to produce
toxins, or PAMPs, which, in the setting of mucosal inflammation, translocate
paracellularly into the portal venous system and travel to the liver. Here they
are thought to stimulate an immune response, mediated by hepatic and periph-
eral lymphocytes as well as gut-derived T-lymphocytes which are activated by
intestinal antigens. When chronic, this process leads to cholangiocyte senescence
and fibrosis. Abbreviations: IL, interleukin; PAMP, pathogen-associated molecu-
lar protein; PG, prostaglandin; PRR, pattern recognition receptor; TLR, toll-like
receptor; TNF-α, tumor necrosis factor-alpha. This figure was used in Dean et
al, Hepatology, 2020 and appeared on the cover of Hepatology Vol. 72, Sept.
2020
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Figure A.6. A timeline depicting major discoveries relating to the potential for
GABA as an interkingdom signaling moleculeand as a signaling molecule within
bacterial communities. GABA, gamma-aminobutyric acid. This figure was used
in Quillin et al, Bioelectricity, 2021.
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Figure A.7. Discovery of endogenously produced neurotransmitters in B. sub-
tilis biofilms and proposed research plan. This figure was used in a successfully
funded ECASE 2021 application.
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Figure A.8. Serotonin signaling occurs bidirectionally between the host and
members of the microbiome and may contribute to disease. Bacteria residing in
the gut lumen can sense serotonin levels that can induce and/or inhibit gene ex-
pression related to biofilm formation, adhesion, motility, or virulence. The levels
of luminal serotonin can also provide a selective advantage for certain species.
Some microbiota can also increase luminal serotonin concentrations via increased
expression of serotonin-synthesis enzymes, such as TpH1, or decreased expression
of the SERT, and potentially other undefined mechanisms. These effects can be
mediated by secreted bacterial secondary metabolites, or via interaction between
the microbes and host receptors. Further, due to the existence of the gut-brain
axis, microbiota can influence the levels of brain serotonin levels by modulat-
ing expression of serotonin, receptors, transporters, and synthesis, and metabolic
enzymes, such as TpH2 and MAO. It is hypothesized that these microbiota-
mediated changes in serotonin contribute to multiple neurological conditions.
This figure was used in Everett et al, Curr Opin Biotechnol, 2022.
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Figure A.9. Proposed research plan for deciphering the fundamental molecular
mechanisms underlying metabolic coordination and cell-to-cell signaling in bac-
terial biofilms. This figure was used in a successfully funded NSF Career 2022
application.
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