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Abstract 

 Proteins are known to have diverse biomedical functions and excellent catalytic 

performance; however, they are also fragile outside living cells, challenging their use in industrial 

applications. Metal-organic frameworks (MOFs) are highly porous crystalline materials that 

consist of metal cluster nodes and organic linkers. With their rigid structures, MOFs can effectively 

prevent structural changes of proteins after encapsulation and further increase the protein's stability 

under different conditions. Importantly, the high surface areas and tunability of MOFs give rise to 

many possible structures which can achieve high protein loading capacities as well as concentrate 

the substrate to enhance reaction rates for catalysis.  

 Therefore, one of the focuses of this thesis is the encapsulation of proteins with MOFs to 

enhance their stability in denaturing conditions that occur during the therapeutic protein delivery 

process. For that application, an insulin@MOF composite was designed and synthesized by 

encapsulating insulin in a MOF. The MOF can stabilize insulin in stomach acid by preventing its 

unfolding in an acidic environment while performing size exclusion towards the degradation 

enzyme existing in the stomach. After insulin@MOF reached the blood environment, MOF will 

start to degrade under the presence of phosphate ions and release a large amount of insulin from 

it. In addition, after DNA modification, the insulin@MOF nanoparticles show greatly enhanced 

colloidal stability and can penetrate the cells and enable the intercellular delivery of target large 

biomolecules.  

 The other half of this thesis focuses on the stabilization of enzymes with MOFs for 

enhanced catalysis. Formate dehydrogenases (FDH), a class of enzymes that catalyze the reduction 

of CO2 to formic acid, show increased stability in both acidic and neutral environments upon 

encapsulation within a MOF. The regeneration of co-enzyme nicotinamide adenine dinucleotide 
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(NADH) can be realized electrochemically via a modified fluorine-doped tin oxide (FTO) glass 

electrode. The photochemical NADH regeneration can also be achieved after MOF-modification 

with an electron mediator. With the coupling of the enzymatic CO2 fixation and the 

electrochemical or photochemical cofactor regeneration, formic acid can be produced using CO2 

in the atmosphere and a catalytic amount of NADH at high efficiency. The mechanism of the 

enhanced catalytic performance of MOF-encapsulated enzyme was also investigated with different 

characterization instruments. From both experimental and simulation results, an enzyme 

Cytochrome c (Cyt c) shows structural changes in its heme-based active center during MOF 

encapsulation, likely resulting in enhanced accessibility of the active center to reaction substrates. 

 In this thesis, proteins are encapsulated in and stabilized by MOFs for both protein delivery 

and enhanced biocatalysis applications. The mechanism of the enhanced performance of MOF 

encapsulated protein is also investigated. 
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1.1 Motivation: Protein Immobilization 

 Functional proteins are of great significance in a wide variety of fields. Because of their 

unique biological and biotechnical applications and outstanding performance in reactions, 

proteins are in great demand in disease treatment,1-2 bioimaging,3 as well as serving as catalysts 

in reactions to realize high production yield and good product selectivity.4 However, proteins 

usually suffer from poor stability which hinders their applications in being formulated into 

protein-based drugs5 Additionally, the difficulty in enzyme recycling and poor enzyme stability 

also limit the wide applications of using enzymes for industrial catalysis.  

 Because of the difficulty in recycling and poor stability of proteins, researchers have 

investigated techniques to immobilize them by different methods. Among different reported 

protein immobilization techniques reported: physical adsorption of proteins onto a substrate 

suffers from protein leaching under varying local environments;6 covalently binding of all 

proteins onto various substrate following one robust method still remains challenging;7 chemical 

cross-linking of the enzymes could lead to the alteration of the original protein structure and 

further affect the function of proteins.8 Entrapment/encapsulation of proteins with heterogeneous 

materials, on the other hand, remains a promising immobilization method to minimize protein 

leaching as well as protecting its original structure. A variety of solid supports such as 

hydrogels,9-10 porous silica,11-12 synthetic polymers,13 and activated carbon,14 have been studied 

to encapsulate proteins to gain recyclability and to enhance stability. 
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Figure 1-1 Illustration of protein immobilization techniques. 

1.2 Metal-Organic Frameworks as Protein Supports 

 Metal-organic frameworks (MOFs) are porous and crystalline materials that are consist of 

inorganic metal or metal clusters nodes and organic linkers. Due to the diversity in the topologies 

of the nodes and the linkers, MOFs with diverse structures and functions can be designed and 

synthesized by isoreticular design, topology-guided design, and modulated synthesis as well as 

post-synthetic modification methods.15 Due to their high porosity, well-defined structure as well 

as high tunability, MOFs are considered to have potentials in gas storage and separation,16-18 

chemical separation,19-20 heterogenous catalysis,21-22 and chemical sensing.23  

 Recently, MOF materials have also been investigated for protein immobilization 

applications.24-25 The encapsulation of proteins in MOFs can be achieved via two pathways. Firstly, 
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proteins are introduced during the MOF synthesis process (in vivo encapsulation). With proteins 

serving as seeds, MOF will then gradually grow around them in the reaction mixture and 

encapsulate them during the MOF growth. Secondly, the pre-synthesized meso-porous MOFs are 

added to solutions that contains proteins (post-synthetic encapsulation). Driven by the interactions 

between proteins and MOFs, proteins can gradually enter the pores of MOFs through diffusion. 

There are three possible mechanisms by which proteins can be stabilized by MOFs: firstly, the 

spatial constraints provided by the pores of MOFs could limit protein unfolding and could further 

help proteins retaining its original structure; secondly, being confined in MOF pores, protein 

aggregation and deactivation can be largely limited; lastly, the interaction between MOF pores and 

the encapsulated proteins could lead to the shift of protein conformation and results in a more 

ordered and favorable protein structure.26 Due to the stabilizing effect of MOFs on the 

encapsulated proteins, MOFs can be used in protecting proteins for diverse applications. 

 

Figure 1-2 Illustration of two pathways to encapsulate proteins in MOFs. (a) in vivo encapsulation. 
(b) post-synthetic encapsulation. 

1.3 Stabilizing Insulin as A Model Therapeutic Proteins in MOFs for Delivery 

 Therapeutic proteins are of increasing importance in recent years because of their diverse function, 

high bioactivity, and specificity. Despite their excellent performance compared to conventional drugs, their 
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broad application has been limited by the high costs of production and purification, the cold storage and 

transportation requirement, short shelf life, as well as the ineffective delivery methods. Insulin, one of the 

most well-known protein-based drugs, is widely used in the treatment of diabetes. As an anabolic hormone 

in the body, it regulates the blood sugar level by promoting the uptake of glucose by the liver. As of the 

year 2017, more than 29 million people in the US have diabetes27 and the total Medicare Part D spending 

on insulin has reached $13.3 billion.28 Despite the wide need for effective diabetes treatment, subcutaneous 

injection of insulin still remains the main therapy due to the instability of insulin in the stomach.  

 With their relatively rigid structures, MOFs can effectively prevent structural changes of 

proteins after encapsulation and further increase the protein's stability under different conditions. 

Also, the growth of MOF crystals can be controlled within the nano regime during synthesis, and 

the intracellular drug delivery of proteins via MOF nanocarriers can be realized. Importantly, the 

high surface areas and tunability of MOFs give rise to many possible structures which can achieve 

high protein loading capacities as well as concentrate the substrate to enhance reaction rates. In 

this thesis, a Zr-based MOF, NU-1000, is found to be able to successfully protects insulin from 

degradation in a simulated stomach environment. When the insulin@NU-1000 composite ends up 

in the simulated blood condition, the phosphate ions from the blood plasma will trigger the 

degradation of MOF and result in the release of insulin. To improve the MOFs as potential drug 

carriers, NU-1000 of a wide variety of sizes can be synthesized by tuning the synthetic conditions. 

The nano-sized NU-1000 can be brought into the cells through endocytosis. To prevent the 

aggregation of MOF nanoparticles, phosphate-modified DNA strands were utilized to 

functionalize the surface of MOFs to enhance their colloidal stability. Details on the protein-based 

drug delivery application of MOF will be discussed in later chapters. 

1.4 Stabilizing Enzymes in MOFs for Enhanced Catalysis 
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 Developing techniques to combat the rising levels of carbon emissions is an urgent 

challenge that scientists and engineers are addressing to reduce environmental change. Thus, the 

exploration of new pathways to realize CO2 reduction and the conversion of CO2 into other value-

added products using green energy sources becomes significant. One of the most efficient methods 

to mitigate atmospheric CO2 is biological carbon fixation. This process is widely observed in 

nature, with the photosynthetic process being a commonly known example, and these processes 

usually require the participation of enzymes.  

 However, the high cost of enzymatic cofactors and the instability of common CO2 fixation 

enzymes in non-physiological conditions have limited the development of this method. As a 

solution, the regeneration of cofactors with a renewable source of energy (e.g. electricity or 

sunlight) and the enhancement of the enzymatic reaction rates, can both be achieved by stabilizing 

these carbon fixation enzymes within MOFs.  

 In this thesis, formate dehydrogenases (FDH), a class of enzymes that catalyze the 

oxidation of formate to CO2 as well as the reverse reaction, is encapsulated and stabilized by MOF 

NU-1006. The enzyme shows increased stability in acidic environments upon encapsulation within 

a MOF. In addition, the encapsulated FDH demonstrates enhanced activity even at the optimal pH. 

The regeneration of co-enzyme nicotinamide adenine dinucleotide (NADH) required by the 

reaction electrochemically can be achieved by modifying a fluorine-doped tin oxide (FTO) glass 

electrode with a Rh complex. Additionally, drop-casting the encapsulated enzyme on the surface 

of the Rh modified electrode can couple the enzymatic CO2 fixation and the electrochemical 

cofactor regeneration. The further modified electrode can produce formate using environmental 

CO2 and a small amounts of NADH at high turnover frequency. On the other hand, after modifying 

the MOF supports with the same Rh complex, the modified MOF as enzyme supports can be 
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excited by white light, delivering the photoelectrons to the Rh complex for photochemical co-

enzyme regeneration. The photochemically regenerated co-enzyme can then be consumed by the 

FDH encapsulated in the MOF pores for efficient CO2 reduction. More details on using MOF to 

stabilize FDH for CO2 reduction will be included in the following chapters. 

1.5 Investigation of Structures of MOF Encapsulated Enzyme 

 Noting that in the MOF encapsulated FDH shows significantly enhanced activity even 

under the optimal reaction pH of the enzyme, the mechanism behind the improved catalytic 

performance is investigated. Three hypotheses have been brought up to explain the improved 

activity: firstly, the enzyme is retained in its favorable structure during the reaction, as a result, the 

encapsulated enzyme is protected against degradation or aggregation; secondly, the high surface 

area of MOFs would enable the accumulation of reaction substrate inside the MOFs and the high 

local concentration in MOF pores can further facilitate the enzyme reaction; lastly, the enzyme 

could be confined in a structure that favors the reaction after entering the MOF pores which leads 

to its higher activity compared to the native enzyme.  

 Previously, enzymes have been proved to show enhanced stability against denaturing 

conditions after being entrapped in MOFs. For example, MOFs are able to protect proteins under 

high environmental temperature, in organic solvents, or under acidic conditions. There have been 

studies on the substrate preconcentration in the MOF pores, affecting the apparent catalytic 

reaction rate. However, there is a lack of studies to understand the structure of MOF encapsulated 

enzymes. Thus, in this thesis, the enzyme cytochrome c (Cyt c) was selected as a model enzyme 

to probe the behavior and structural change when enzymes enter the MOFs. In the study, Cyt 

c@NU-1000 shows increased activity measured by both UV-Vis (overestimating the reaction rate 

of Cyt c@NU-1000) and ITC (underestimating the reaction rate of Cyt c@NU-1000). Both 
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experimental and simulation results showed that Cyt c went through structural changes around its 

heme-based active center during MOF encapsulation. As a result of the change, the catalytic active 

center in Cyt c becomes more accessible to the reaction substrates and resulted in a faster reaction. 

1.6 Outline 

 This thesis focuses on taking advantage of the stabilization effect that MOFs have on 

proteins. For one of the applications of MOF stabilized proteins, insulin-loaded MOF is designed 

and characterized and the potential of using MOFs as insulin carriers for oral delivery is 

investigated. The colloidal stability and the cytotoxicity of the MOF nanoparticles have been 

tested. In the MOF encapsulated enzyme for efficient CO2 reduction study, MOF encapsulated 

FDH has been synthesized, characterized and the activity of the encapsulated FDHvhas also been 

tested. The coenzyme regeneration (photochemical and electrochemical regeneration) is coupled 

with enzymatic CO2 reduction to achieve efficient and sustainable CO2 fixation. The mechanism 

of MOF encapsulated enzyme showing high catalytic performance is also studied using Cyt c as 

a model enzyme. The structure of the encapsulated Cyt c is investigated using various 

experimental characterization techniwues well as MD simulation to understand  

 Chapter 2 describes a proof-of-concept work where immobilize insulin in a crystalline 

mesoporous MOF, NU-1000, and obtain a high loading of ~40 wt% in only 30 min. The acid-

stable MOF capsules are found to effectively prevent insulin from degrading in the presence of 

stomach acid and the digestive enzyme, pepsin. Furthermore, the encapsulated insulin can be 

released from NU-1000 under simulated physiological conditions. 

 In Chapter 3, the MOF-based protein hosts have been further improved by tuning their 

sizes and modifying their surface with phosphate-terminated oligonucleotides to form MOF 

nanoparticle (MOF NP) conjugates for both NU-1000 and PCN-222/MOF-545. They have been 
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characterized structurally and with respect to their ability to enter mammalian cells. The MOFs act 

as protein hosts and their densely functionalized, oligonucleotide-rich surfaces make them 

colloidally stable and ensure facile cellular entry. With insulin as a model protein, high loading 

and a 10-fold enhancement of cellular uptake (as compared to that of the native protein) were 

achieved. Importantly, this approach can be generalized to facilitate the delivery of a variety of 

proteins as biological probes or potential therapeutics. 

 Chapter 4 takes advantage of the stabilization effect of MOF on encapsulated proteins to 

form a bio-electrocatalytic system by depositing crystallites of a mesoporous MOF, NU-1006, 

encapsulated with formate dehydrogenase on a fluorine-doped tin oxide glass electrode modified 

with Cp*Rh(2,2’-bipyridyl-5,5’-dicarboxylic acid)Cl2 complex. The system continuously converts 

CO2 into formic acid at a rate of 79 ± 3.4 mM/h with electrochemical regeneration of the cofactor 

nicotinamide adenine dinucleotide. More notably, the MOF-enzyme composite exhibited 

significantly higher catalyst stability when subjected beyond the native environment (i.e. from 

neutral to acidic pH), doubling the formic acid yield compared to the free enzyme. 

 Chapter 5 again takes the structure and function of MOF NU-1006 to establish a semi-

artificial system - containing an immobilized enzyme, formate dehydrogenase, in a light-

harvesting scaffold - is reported for the conversion of CO2 to formic acid using white light. The 

electron-mediator Cp*Rh(2,2’-bipyridyl-5,5’-dicarboxylic acid)Cl2 was anchored to the nodes of 

the MOF NU-1006 to facilitate ultrafast photo-induced electron transfer when irradiated, leading 

to the reduction of the coenzyme nicotinamide adenine dinucleotide at a rate of about 28 mM h-1. 

Most importantly of all, the immobilized enzyme utilizes the reduced coenzyme to generate formic 

acid selectively from CO2 at a high turnover frequency of about 865 h-1 in 24 hours. The outcome 

of this research is the demonstration of a feasible pathway for solar-driven carbon fixation.



26 
 Chapter 6 attempts to determine the mechanism of the enhanced catalytic performance 

showed by MOF encapsulated enzyme. The structural change of cytochrome c (Cyt c) upon 

encapsulation within MOF NU-1000, is investigated through a combination of experimental and 

computational methods, such as electron paramagnetic resonance, diffuse reflective ultraviolet-

visible spectroscopies, and all-atom explicit solvent molecular dynamics simulations. The 

enhanced catalytic performance of Cyt c after being encapsulated with NU-1000 is supported by 

the physical and in silico observations of a change in the heme ferric active center. 
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Chapter 2 . Acid-Resistant Mesoporous Metal–Organic Framework Toward 

Oral Insulin Delivery: Protein Encapsulation, Protection & Release 

 

Portions of this chapter appear in the following manuscript: 

 

Chen, Y. *, Li, P. *, Modica, J. A., Drout, R. J., & Farha, O. K.. Acid-resistant Mesoporous Metal–

Organic Framework Toward Oral Insulin Delivery: Protein Encapsulation, Protection, and Release. 

JACS, 2018, 140, 5678-5681. 

 

Contribution: 

For the paper, Chen,Y. conducted all the MOF synthesis, insulin encapsulation and nearly all 

characterization, except confocal laser scanning microscopy and thermogravimetric analysis 

conducted by Li, P. Other co-authors have contributed to constructive scientific discussions and 

hence are listed as part of the co-author list. 
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2.1 Introduction 

 Diabetes currently affects more than 30 million Americans and as a result, costs the United 

States government approximately $245 billion per year as of 2012.29 This chronic metabolic 

disease leads to long-term organ damage, and in some cases, death.30-31 Diabetes causes affected 

individuals to have excessive glucose content in their bloodstream. Insulin, a hormone produced 

by the pancreas, is responsible for regulating the concentration of glucose in blood plasma. 

Currently, direct insulin injection3 remains the only effective therapeutic treatment for insulin 

resistant (IR) patients, even though several therapies have been designed to treat type I (T1DM) 

and type II (T2DM) diabetes mellitus. The development of oral insulin delivery methods is 

therefore necessary to reduce the pain and inconvenience inflicted on patients who must routinely 

receive insulin subcutaneously by injection.  

 Advancements in developing an oral insulin delivery agent have been hindered by 

challenges arising from the instability of insulin in the stomach. In the gastrointestinal tract, insulin 

is degraded by proteolytic enzymes thereby limiting the transport of insulin across the intestinal 

epithelium into the bloodstream. In this degradation process, the disulfide bonds in insulin are first 

cleaved by gastric acid, the fluid in the stomach composed of HCl and NaCl, initiating 

denaturation.32 The unfolded insulin chains are then broken into short multi-peptide segments by 

pepsin, a digestive enzyme. Ongoing efforts dedicated to developing oral insulin delivery agents 

aim to achieve high loading capacities, stabilize the protein against degradation, and release the 

insulin cargo in a controlled manner.33 

 Encapsulation in biocompatible nanocarriers is recognized as a promising strategy for oral 

insulin delivery because particles of this size can facilitate paracellular or transcellular transport 

of insulin across the intestinal mucosa.34 To this end, various materials such as alginate beads,35-36 
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nanoparticles,37 poly nanocapsules,38 and collagen39 have been examined as insulin encapsulation 

and delivery agents; however, due to their low porosity, these materials exhibit only moderate 

insulin loading capacities (~5-30 wt%).40 To achieve the desired insulin concentration (100 IU/mL) 

with these agents, an excess amount of the support material would be required. Further, the current 

strategy for increasing insulin loading requires the incorporation of adsorption enhancers like bile 

salts, fatty acids, and surfactants;41 however, this increases the concentration of undesirable 

molecules delivered to the patient. Therefore, development of a carrier with high insulin capacity 

is imperative to make oral insulin delivery feasible. An acid stable, highly porous material would 

likely protect insulin from degradation and exhibit a high insulin loading capacity. 

 Metal–organic frameworks (MOFs) are crystalline porous materials composed of metal 

nodes connected by organic ligands.42 By judicious selection of the node and ligand, MOFs can be 

elegantly tuned toward various applications including, but not limited to, gas storage/separation,43-

44 heterogeneous ca-talysis,45-47 and chemical separation.48 Most recently, MOFs have been 

examined for drug delivery49-53 and enzyme fixation.54-58 Though immobilization of biomolecules 

in MOFs could be realized through either de novo or post-synthetic methods,59-63  the number of 

MOFs suitable for insulin encapsulation and oral delivery is still limited64 due to their instability 

in the aqueous acidic environment of the stomach (pH=1.5-3.5). We hypothesized that 

immobilization of insulin in zirconium MOFs would be advantageous because (1) they can survive 

in neutral to acidic media (pH as low as 1); (2) their pore size and surface charge can be tailored 

to interact favorably with insulin and increase the loading; and (3) can disassemble in the presence 

of phosphate ions in the blood stream which irreversibly cleave the node-linker bonds65-66 thereby 

initiating insulin release. Therefore, we chose a Zr6-based mesoporous MOF, NU-1000, as an 

insulin carrier.  
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Figure 2-1 Schematic representation of (a) encapsulation of insulin in the mesopores of NU-1000 
and exclusion of pepsin from the MOF framework. (b) Exposure of free insulin and insulin@NU-
1000 to stomach acid. Free insulin denatures in stomach acid and is digested by pepsin. 
Insulin@NU-1000 releases insulin when exposed to a PBS solution. Insulin@NU-1000 withstands 
exposure to gastric acid and stomach acid and releases encapsulated insulin in PBS. 

 In this chapter, we show that NU-1000 satisfies the key requirements of an insulin delivery 

agent, namely sufficient porosity, favorable interactions, protection of insulin in harsh 

environments, and controlled insulin release. The one-dimensional pores of NU-1000 (mesopores 

with size ~ 30 Å and micropores with size ~12 Å in diameters) are ideally sized to not only allow 

insulin (13 Å × 13 Å) to diffuse through the framework facilitating encapsulation (Figure 2-1 a), 

but to also exclude pepsin (48 Å × 64 Å), thereby limiting its proteolysis. Additionally, insulin 

molecules can be encapsulated in NU-1000 because of the electrostatic (Figure 2-1) and/or 

hydrophobic interactions between insulin and the MOF surface. Finally, when in acidic 

(b) 

(a) 
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environments like the stomach, confinement within the pores inhibits excessive insulin un-folding 

and significantly reduces degradation (Figure 2-1 b). When exposed to conditions simulating the 

bloodstream, which is high in phosphate ions, NU-1000 is expected to slowly degrade and release 

the encapsulated insulin (Figure 2-1 b). Here, we report a route to encapsulate and stabilize insulin 

in NU-1000, while demonstrating controlled release from the composite.  

 

Figure 2-2 Zeta potentials of insulin, NU-1000 crystals and inslin@NU-1000 in different 
conditions. 

 

2.2 Experimental Methods 

2.2.1 Material Syntheses 

 NU-1000 was synthesized and activated according to a report-ed procedure.67 All other 

reagents were purchased from commercial sources and used without further purification. 

2.2.2 Physical Methods 

 Inductively coupled plasma-optical emission spectroscopy (ICP-OES) was used to 

determine the ratio of Zr (Zr nodes in NU-1000) to S (disulfide bonds in insulin) in insulin@NU-

1000 to confirm the highest loading of insulin in NU-1000. The experiment was performed on a 

computer-controlled (QTEGRA software v. 2.2) Thermo iCap 7600 Duo ICP-OES (Thermo Fisher 
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Scientific, Waltham, MA, USA) operating in standard mode. The insulin@NU-1000 samples (2-

3 mg) were digested by an acidic solution (vHNO3:vH2O2 = 3:1) by heating in a Biotage (Uppsala, 

Sweden) SPX microwave reactor (software version 2.3, build 6250) at 150 °C for 5 minutes. The 

solution was then diluted with Millipore water and analyzed for S and Zr content comparing to the 

standard S and Zr solutions. N2 sorption isotherm measurements were performed on a 

Micromeritics Tristar II 3020 (Micromeritics, Norcross, GA) at 77 K. Between 30 and 50 mg of 

material was used for each measurement. Powder X-ray diffraction (PXRD) data were collected 

on a Rigaku model ATX-G diffractometer equipped with a Cu rotating anode X-ray source. 

Scanning electron microscopy (SEM) images and energy dispersive spectroscopy (EDX) profiles 

were collected on a Hitachi SU8030. Samples were coated with OsO4 to ~7 nm thickness in a 

Denton Desk III TSC Sputter Coater (Moorestown, NJ) before SEM-EDX analysis. Confocal laser 

scanning microscopy analysis (CLSM) was performed on 10μm-long NU-1000 crystals to 

examine the distribution of AlexaFluor-647 dye labeled insulins throughout the matrix. 

Fluorescence was examined, applying CLSM on a Leica TCS SP5. The Ar laser was set to 5%. 

Bit depth was set to 12 to achieve 4096 grey levels intensity resolution. Laser line 633 with 3% 

laser power was used to visualize AlexaFluor-647 dye labeled insulins on NU-1000 at different 

depth along z direction. ELISA test for the insulin concentration was performed following the 

manual in the ELISA Insulin Kit and the results were determined by UV-vis. 

2.2.3 Zeta Potential and DLS Size Distribution 

 Samples were prepared in 10-3 1´Tris buffer at a concentration of 0.1 mg/mL and sonicated 

for 15 min. The pH from 1 to 7 of the solution was manually adjusted by the addition of gastric 

acid to 10-15 mL of the suspension before the zeta potential and DLS size distribution was 

measured. 
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2.2.4 Insulin Encapsulation 

 Insulin647 encapsulation with NU-1000: 3mg of activated NU-1000 crystals were treated 

with labeled insulin solution (in DI water, 1 mg/mL) for 1 hour at room temperature to 

encapsulate insulin. Insulin loading was monitored by testing the concentration of labeled insulin 

through UV-vis. 

 Human insulin encapsulation with NU-1000: 3mg of activated NU-1000 crystals were 

treated with an insulin solution (in DI water, 4´10-4g/L) for 1 hour at room temperature to 

encapsulate insulin. Insulin loading was measured by Inductively coupled plasma-optical 

emission spectroscopy (ICP-OES) and thermogravimetric analyses (TGA). To remove the 

insulin attached to the surface of NU-1000, the supernatant was decanted and the solid sample 

was then washed with DI water for three times to remove the insulin molecules attached to the 

surface of the crystals. Insulin loading was calculated by: 

𝑙𝑜𝑎𝑑𝑖𝑛𝑔 =
𝑤𝑒𝑖𝑔ℎ𝑡	𝑜𝑓	𝑒𝑛𝑐𝑎𝑝𝑠𝑢𝑙𝑎𝑡𝑒𝑑	𝑖𝑛𝑠𝑢𝑙𝑖𝑛	𝑚𝑜𝑙𝑒𝑐𝑢𝑙𝑒𝑠
𝑤𝑒𝑖𝑔ℎ𝑡	𝑜𝑓	𝑡ℎ𝑒	𝑒𝑛𝑐𝑎𝑝𝑠𝑢𝑙𝑎𝑡𝑖𝑛𝑔	𝑚𝑎𝑡𝑒𝑟𝑖𝑎𝑙 × 100% 

 Thermogravimetric analyses (TGA) were performed on a TGA/DCS 1 system (Mettler-

Toledo AG, Schwerzenbach, Switzerland), which runs on a PC with STARe software. Samples 

were heated from 25 to 600 °C at a rate of 10 °C/min under flowing N2. The elemental analysis 

was performed by Galbraith laboratories, Inc (Knoxville, Tennessee). The loading of insulin@NU-

1000 was calculated with the following method: 

𝑙𝑜𝑎𝑑𝑖𝑛𝑔 =
28%
72%	 × 100% = 38.9% 

Molar ratio (Insulin:NU-1000) = 1.0: 7.0 

Mass Ratio (Insulin:NU-1000) = 5808: 15191 

wt% (mass insulin: mass support) ≈ 40%  
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2.2.5 The Degradation of NU-1000 and Release of Insulin647 in PBS 

 1mg of bare NU-1000 or insulin647@NU-1000 was exposed to 1ml 1g/L K3PO4 solution 

(pH=7.0). The supernatant was replaced by fresh 1g/L K3PO4 solution every 10 min to mimic the 

constant flowing blood plasma. The UV-vis absorbance of the replaced supernatant was 

measured and the released percentage of linkers/insulin647 over time was calculated based on 

the standard curves.  

2.3 Results and Discussion 

 MOF crystals (2 μm in length, Figure 2-1) were soaked in an insulin solution (4×10-4 g/L 

in DI water at pH 4) for 30 minutes at room temperature to encapsulate the protein. The resulting 

solid composite, insulin@NU-1000, was isolated by filtration and washed with DI water to remove 

excess insulin. Dye (AlexaFluor-647) labeled insulin (insulin647) was encapsulated in NU-1000 

and its uptake was observed by in situ confocal laser scanning microscopy (CLSM, Figure 2-1) 

and quantified by monitoring the concentration of insulin647 in the supernatant by UV-vis 

spectroscopy (Figure 2-1 a). The highest loading was achieved after the MOF was exposed to the 

insulin647 solution for 30 min (Figure 2-1 b). Inductively coupled plasma-optical emission 

spectroscopy (ICP-OES) was used to determine the S (3 disulfide bonds per insulin molecule) to 

Zr (from NU-1000) ratio for insulin@NU-1000 (Error! Reference source not found.). NU-1000 e

xhibits a loading capacity of 40 wt% which exceeds most of the previously reported insulin 

encapsulation materials.40 Mass loss as observed by thermogravimetric analysis (TGA) was also 

in agreement with the insulin loading (Figure 2-1) determined by ICP. These results suggest that 

NU-1000 is a potential insulin encapsulation agent. 
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Figure 2-3 Size distribution of NU-1000 crystals. 

 

Figure 2-4 Confocal laser scanning microscopy images of labeled insulin@10 μm NU-1000 
crystals. The scale bar stands for 10 μm. Figure (a)-(d) indicate the distribution of insulin in the 
NU-1000 crystals at 10 min, 15 min, 20 min, and 30 min respectively. 
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Figure 2-5 (a) UV-vis spectra used to monitor the insulin647 concentration in the supernatant at 
various timepoints after adding NU-1000. (b) The adsorption of insulin647 in NU-1000 crystals 
(inset: adsorption process from 10 to 60 min). 

Table 2-1 ICP-OES data for insulin@NU-1000. 

 

 

Figure 2-6 Thermogravimetric analysis of NU-1000 crystals and insulin@NU-1000. 

 The insulin@NU-1000 material was fully characterized via nitrogen adsorption/desorption 

measurements, powder X-ray diffraction (PXRD), and scanning electron microscopy (SEM). As 

expected, the N2 isotherm indicates that insulin@NU-1000 has a lower N2 uptake capacity and 

therefore lower surface area than the parent NU-1000 (Figure 2-7a). Further, the density function 
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theory (DFT) calculated pore size distribution reveals a significant reduction of the hexagonal 

mesopore volume and a smaller, but still significant, decrease for the triangular micropore volume 

(Figure 2-7 b). This suggests that insulin resides in both pores. PXRD patterns and SEM images 

verify that NU-1000 retains its crystallinity throughout the encapsulation process (Figure 2-7 c). 

Furthermore, SEM dispersive X-ray spectroscopy (SEM-EDX) indicates insulin is uniformly 

distributed throughout NU-1000 crystals (Figure 2-7 d).  

 

Figure 2-7 (a) N2 adsorption-desorption isotherms reveal significant surface area reduction after 
encapsulation of insulin. (b) DFT pore size distributions of NU-1000 (black) and insulin@NU-
1000 (red) suggest insulin occupies both the meso-pores and micropores. (c) PXRD patterns of 
NU-1000, simulated NU-1000, and insulin@NU-1000 confirm the retention of crystallinity. (d) 
SEM image and associated EDX line scan for Zr (red) and S (black) which confirms uniform 
distribution of insulin throughout crystal in insulin@NU-1000. 
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 While high loading capacities are desirable, it is also vital that the delivery agent 

effectively protects insulin from harsh conditions and releases the insulin only in the target 

environment. The insulin release process was examined by exposing insulin@NU-1000 samples 

to solutions designed to emulate conditions that an orally delivered insulin drug may encounter. 

Specifically, samples were exposed for 1 hour to one of the following: gastric acid solution (pH 

= 1.29) (simulating the stomach pH or simulated physiological condition (pH=7.0) (Figure 2-8 

a). The amount of insulin released was again quantified by analyzing the concentration of labeled 

insulin in the supernatant by UV-vis spectroscopy after exposure to the aforementioned 

conditions. In simulated stomach acid solution (pH = 1.29), only 10% of insulin was released 

after 60 min. This suggests that insulin encapsulated in NU-1000 is protected from the harsh 

conditions of the stomach. Additionally, after the exposure to the simulated physiological 

condition, NU-1000 degradation initiates the release of insulin. After 1 h, most of the 

encapsulated insulin (91%) is released from insulin@NU-1000. The degradation of NU-1000 

crystals was monitored by measuring the concentration of linker in the supernatant via UV-vis 

spectroscopy (Figure 2-8). In conditions designed to simulate the stomach environment (gastric 

acid and pepsin as used in the aforementioned experiments), NU-1000 crystals remained stable 

for at least 1 h. On the contrary, in the simulated physiological condition, NU-1000 starts to 

degrade immediately. After 1 h, 10% of the total linker was released. These results are promising 

considering insulin is protected in environments mimicking the stomach and released in those 

designed to imitate the bloodstream, the target delivery point. 



39 

 
Figure 2-8 (a) The percent of encapsulated insulin released from simulated physiological 
condition (black) and simulated stomach acid (red). (b) The concentration of active insulin after 
loading, and treatment under various harsh conditions. The black column shows the original 
concentration of active insulin in solution. The red areas show the amount of active insulin released 
from insulin@NU-1000 after different treatments (GA for gastric acid and SA for stomach acid). 

 

Figure 2-9 The percent of linker released from NU-1000 in simulated physiological condition 
(black) and simulated stomach acid (red). 

 Considering insulin is only an effective therapeutic agent when in its active form (i.e. not 

denatured or digested), an enzyme-linked immunosorbent assay (ELISA) was employed to 

determine the concentration of insulin after release from the framework and to further evaluate 

the effect of release conditions on insulin activity (Figure 2-8 b). The initially encapsulated 

insulin was assumed to be entirely active prior to re-lease from insulin@NU-1000. As expected, 
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when exposed to stomach acid, free insulin does not survive as measured by ELISA, confirming 

the necessity of an encapsulation method if insulin must pass through the stomach. When 

insulin@NU-1000 was exposed to PBS, the released protein retains its full activity. Further, 

insulin released from insulin@NU-1000 samples first exposed to gastric acid or stomach acid 

solutions followed by exposure to a PBS solution also retained the majority of its activity (99% 

for gastric acid and 84% for stomach acid). These results suggest insulin@NU-1000 can 

withstand the low pH environment of the stomach and release insulin in the desired environment. 

The high concentrations of insulin observed via ELISA even after exposure to such harsh 

conditions further demonstrates the ability of NU-1000 to protect insulin. It is evident that NU-

1000 stabilizes and protects insulin under denaturing conditions encountered in the stomach 

(gastric acid or stomach acid solutions) and releases the encapsulated insulin under conditions 

mimicking the delivery target point, the blood-stream (PBS solution). 

2.4 Conclusions 

 In conclusion, we successfully utilized the zirconium MOF, NU-1000, as an insulin carrier 

and achieved high loading of insulin. Under mild conditions, insulin easily diffuses through the 

framework and interacts favorably with the pore surface, leading to rapid encapsulation. Further, 

insulin@NU-1000 withstands harsh conditions mimicking the stomach environment while 

releasing insulin in conditions that imitate the ideal release environment, the bloodstream. Most 

importantly, upon being released from insulin@NU-1000, insulin maintains the majority of its 

activity. These results demonstrate that NU-1000 is a potential insulin carrier for oral delivery.  
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Chapter 3 . DNA-Functionalized Metal−Organic Framework Nanoparticles 

for Intracellular Delivery of Proteins 

 

Portions of this chapter appear in the following manuscript: 

 

Wang, S., Chen, Y., Wang, S., Li, P., Mirkin, C. A., & Farha, O. K. DNA-Functionalized Metal–

Organic Framework Nanoparticles for Intracellular Delivery of Proteins. JACS, 2019, 141(6), 

2215-2219. 
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co-authors have contributed to constructive scientific discussions and hence are listed as part of 

the co-author list. 
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3.1 Introduction 

 Proteins play key roles in living systems, and the ability to diagnostic and therapeutic 

purposes.68 Potential uses involve the evaluation of metabolic pathways,69 regulation of cellular 

processes,70 and treatment of disease involving protein deficiencies.71-73 During the past decade, 

a series of techniques have been developed to facilitate protein internalization by live cells, 

including the use of complementary transfection agents, nanocarriers,74-76 and protein surface 

modifications.77-80 Although each strategy has its own merit, none are perfect solutions; they can 

cause cytotoxicity, reduce protein activity, and suffer from low delivery payloads.81 For example, 

we have made the observation that one can take almost any protein and functionalize its surface 

with DNA to create entities that will naturally engage the cell-surface receptors involved in 

spherical nucleic acid (SNA) uptake.80, 82-84 While this method is extremely useful in certain 

situations, it requires direct modification of the protein and large amounts of nucleic acid, on a 

per-protein basis, to effect transfection. Ideally, one would like to deliver intact, functional 

proteins without the need to chemically modify them, and to do so in a nucleic-acid efficient 

manner.  

 Metal organic frameworks (MOFs) have emerged as a class of promising materials for 

the immobilization and storage of functional proteins.24 Their mesoporous structures allow for 

exceptionally high protein loadings, and their framework architectures can significantly improve 

the thermal and chemical stabilities of the encapsulated proteins.61, 63, 85-88 However, although 

MOF NPs have been recognized as potentially important intracellular delivery vehicles for 

proteins,89-91 their poor colloidal stability and positively charged surfaces,92-93 inhibit their 

cellular uptake and have led to unfavorable bioavailabilities.94-97 Therefore, the development of 
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general approaches for reducing MOF NP aggregation, minimizing positive charge (which can 

cause cytotoxicity), and facilitating cellular uptake is desirable.98-99 

 In this chapter, we report a new method for the intracellular delivery of proteins that 

relies on nucleic acid−MOF NP conjugates (Figure 3-1 A).98-101 In this protocol, two water-

stable zirconium mesoporous MOFs, NU-1000 (Zr6(μ3-O)4(μ3- OH)4(OH)4(H2O)4(TBAPy)2, H4-

TBAPy = tetraethyl 4,4′,4′′,4′′′-(pyrene-1,3,6,8-tetrayl)tetrabenzoic acid) and PCN-222/MOF-

545 (Zr6(μ3-O)4(μ3- OH)4(OH)4(H2O)4(TCPP-H2)2, H4-TCPP-H2 = tetrakis(4-

carboxyphenyl)porphyrin),102-104 were synthesized in nanoparticle form and used to encapsulate 

insulin, a model protein for the studies described herein (Figure 3-1B).54, 105 Next, via 

modification of literature procedures, these insulin@MOF NPs were surface functionalized with 

terminal phosphate-modified DNA to yield insulin@DNA-MOF NPs (Figure 3-1 C).100 The 3D 

oligonucleotide shell creates a steric and electrostatic barrier to stabilize MOF NPs in high 

dielectric media and renders them functional with respect to cellular entry.98 In principle, this 

strategy can be generalized to MOFs with different pore sizes and topologies, thereby creating an 

arsenal of nucleic acid−MOF-based delivery vehicles for transporting functional enzymes across 

cellular membranes with high payloads. 

 
Figure 3-1 (A) Schematic illustration of insulin encapsulation in the mesoporous channels of MOF 
NPs followed by DNA surface functionalization; (B) crystal structures of two mesoporous Zr 
MOFs: NU-1000 and PCN-222/MOF-545 and their respective organic linkers; (C) DNA 
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functionalization of insulin encapsulated MOF NPs using 3′ terminal phosphate modified nucleic 
acids. 

3.2 Experimental Methods 

3.2.1 Material Syntheses 

 All reagents unless otherwise stated were obtained from commercial sources and were 

used without further purification. All oligonucleotides used in this work were synthesized on a 

solid-support MM12 synthesizer with reagents purchased from Glen Research. The water used in 

all experiments was ultrapure deionized (DI) grade (18.2 MΩ⋅cm resistivity), obtained from a 

Milli-Q Biocel system (Millipore, Billerica, MA, USA). 

 Synthesis of 150 nm NU-1000 MOF NPs. 8 mg (34.3nmol) of zirconium chloride and 2 

mg (3 nmol) of 1,3,6,8-tetrakis(p-benzoic acid)pyrene (H4TBAPy) ligand were dissolved in 2.0 

mL of N,N-Dimethylformamide (DMF), 0.4 ml acetic acid and 0.2 ml DI water was also added to 

the mixture solution resulting in a translucent yellow solution. Ten sample vials were prepared 

under the same conditions at once and were placed into an oven at 90 °C for 30 min, during which 

time a light yellow suspension was formed. After cooling down to room temperature, the 10 vials 

were combined and the nanocrystals were collected by centrifugation (15000 rpm, 30 min), 

followed by solvent exchange with DMF and acetone third times, then subsequently activated with 

HCl. 

 Synthesis of 10 µm NU-1000 MOF particles. 70 mg of ZrCl4 (0.30 mmol) and 2700 mg 

(22 mmol) of benzoic acid were mixed in 8 mL of N,N-Diethylformamide (DEF) (in a 6-dram vial) 

and ultrasonically dissolved. The clear solution was incubated in an oven at 80 °C for 1h. After 

cooling down to room temperature, 40 mg (0.06 mmol) of H4TBAPy was added to this solution 

and the mixture was sonicated for 20 min. The yellow suspension was heated in an oven at 120 °C 
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for 48 h. After cooling down to room temperature, yellow single crystals were present on the vial 

walls. The sample was washed with DMF and acetone and subsequently activated with HCl. 

 Synthesis of PCN-222 MOF NPs. Zirconyl chloride octahydrate (37.5 mg, 0.116 mmol) 

and tetrakis(4- carboxyphenyl)-porphyrin (6.5 mg, 0.0082 mmol) were dissolved in DMF (16.25 

mL) in a 22 mL borosilicate vial with a Teflon-lined cap. Dichloroacetic acid (0.25 mL, 3.0 mmol) 

was added, and the resulting solution was heated at 130 °C for 18 hours to afford dark purple rod-

shaped nanocrystals and a yellow mother liquor. The nanocrystals were collected by centrifugation 

(15000 rpm, 5 min), followed by solvent exchange with DMF.  

3.2.2 Physical Methods 

 The crystallinity of the MOF nanoparticles (as-synthesized, insulin encapsulated, and 

insulin encapsulated DNA-MOF conjugates) were confirmed by powder X-ray diffraction (PXRD). 

Powder X-ray diffraction (PXRD) data were collected on a Rigaku model ATX-G diffractometer 

equipped with a Cu rotating anode X-ray source. N2 sorption isotherm measurements were 

performed on a Micromeritics Tristar II 3020 (Micromeritics, Norcross, GA) at 77K. Between 20 

and 30 mg of material was used for each measurement. Surface areas were estimated by applying 

the Brunauer– Emmett–Teller (BET) equation. T-plot internal and external surface area were 

determined by Harkins and Jura equation in the second linear regions of N2 isotherms (0.26 P/P0 

to 1.0 P/P0). 

3.2.3 Insulin Encapsulation 

 Activated MOF nanoparticles (3 mg) were treated with an insulin solution (in DI water, 

0.4 mg/mL) for 1 hour at room temperature to encapsulate insulin. Insulin loading was measured 

by Inductively coupled plasma-optical emission spectroscopy (ICP-OES) and thermogravimetric 

analyses (TGA) based on literature reported methods.105 To remove the insulin attached to the 
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surface of MOF NPs, the supernatant was decanted and the solid sample was then washed with DI 

water for three times to remove the insulin molecules attached to the surface of the crystals. 

3.2.4 DNA Synthesis and Functionalization 

 Synthesis of oligonucleotides. Oligonucleotides were synthesized using a Mermaid 

MM12 DNA synthesizer (Bio Automation) on a standard CPG solid phase support. All 

oligonucleotides were deprotected under conditions recommended by the manufacturer and 

purified by reverse phase high performance liquid chromatography (HPLC). Characterization and 

determination of concentrations were determined by matrix assisted laser desorption ionization 

(MALDI-TOF) mass spectrometry and UV-Vis spectroscopy, respectively.  

Table 3-1 DNA sequences used in this study. 

# Sequence Name Sequence  
1 polyG 5' - (dGGT)10-phosphate - 3' 
2 polyG-dye 5' - (Tamra-dT)-(dGGT) 10-phosphate - 3' 

3' Phosphate refers to 3-(4,4'-Dimethoxytrityloxy)-2,2-(dicarboxymethylamido)propyl-1-O-

succinoyl-long chain alkylamino-CPG (3'-CPR II CPG). 

Tamra-dT refers to 5'-Dimethoxytrityloxy-5-[N-((tetramethylrhodaminyl)-aminohexyl)- 3-

acrylimido]-2'-deoxyUridine-3'-[(2-cyanoethyl)-(N,N-diisopropyl)]-phosphoramidite (Tamra-dT). 

 DNA functionalization. DNA functionalization of MOF NPs were conducted based on 

our previously reported method with minor modifications.100 In a typical DNA functionalization 

experiment, excess phosphate terminated nucleic acid (~ 100 nmol) was added to MOF NP colloids 

(~2 mg), and then left on a shaker to incubate for 4 hours. Excess oligonucleotides were removed 

by centrifugation (3 × 10000 rpm, 15 min), and followed by resuspension in water. 

3.2.5 Degradation Profiles of DNA-NU-1000 and DNA-PCN-222  
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 Degradation profile in simulated extracellular matrices. To simulate intravascular and 

interstitial fluid, MOF NPs were incubated with DMEM buffer + blood serum (pH = 7.0) at 37 °C 

with gentle shaking (400 rpm). Specifically, around 50 ug of DNA-NU-1000 and DNA-PCN-222 

were first dispersed in 200 uL water to form the stock solution (0.25 mg/mL). Next, 7 identical 

samples containing 20 uL of the stock solution and 980 uL (DMEM buffer + blood serum solution) 

(pH=7.0) were prepared and incubated on a thermal shaker for 0.5, 1.5, 6, 12, 24, 48, and 72 hours, 

repectively. At each time point, one sample was collected and centrifuged (15000 rpm, 15 min) to 

remove remaining MOF NPs. The UV-vis absorbance of supernatant was measured and the 

percentage of linker release over time was calculated based on the standard curves. 

 Degradation profile in simulated intracellular matrices. Similar procedure was 

followed to measure the degradation profiles of DNA-NU-1000 and DNA-PCN-222 in 1 × PBS 

solution to simulate their degradation in intracellular matrices (pH=7.0, 100 mM NaCl).  

3.2.6 Cell Uptake Experiments and Cytotoxicity Evaluation 

 Cell culture and incubation. Human ovarian cancer cells SK-OV-3(ATCC® HTB-77™) 

and mice melanoma cells B16-F10 (ATCC® CRL-6475) were incubated in incubators with 5% 

CO2 at 37 °C. Medium for these two cell lines are McCoy's 5A medium (ATCC® 30-2007™) and 

Dulbecco's Modified Eagle's Medium (DMEM) (ATCC® 30-2002™), representatively, 

containing 10% fetal bovine serum (FBS) and 1% antibiotics. Cells are passed every 2 or 3 days 

to get the acceptable confluence.  

 Cell imaging by confocal fluorescence microscopy. Confocal fluorescence microscopy 

was performed on confocal laser microscope (Zeiss LSM 800) system to verify that 

insulin@DNA-MOF NPs were internalized by the cells. SKOV-3 cells were plated in flourishes 

with 5 × 104 confluence. Insulin-encapsulated MOFs and free insulin were then incubated with 
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cells (Error! Reference source not found.). After 6h, particles in medium were washed out and c

ells were fixed with 4% formaldehyde. Cell skeleton actin (F-actin) was stained with AlexaFluor 

488 Phalloidin (ThermoFisher A12379). 

Table 3-2 DNA and insulin concentration for sequences used in this study. 

# Description DNA concentration Insulin concentration 

1 AF647Insulin@ tamra-DNA-NU-1000 100 nM ~ 180 nM 

2 AF647Insulin@tamra-DNA-PCN-222  100 nM ~ 140 nM 

3 

Tamra-DNA 100 nM  
AF647Insulin  160 nM 

 Cellular Uptake by flow cytometry. LSR-II flow cytometry machine is used to identify 

the celluar uptake of both oligonucleotide and insulin. Skov-3 cells were first inculabed in flow 

tubes with 5 × 105 concentration. Then insulin@DNA-MOFs, and control (free insulin + free DNA) 

were then incubated with cells (Table S-2). After 15 min or 2h, particles were washed out and cells 

were fixed with 4% formaldehyde. Flow data were first gated by SSA and FSA parameter and 

positive gating in each channel is based on negative controls. 

 MTT assay. The anti-proliferative effects of insulin@DNA-MOF constructs were 

evaluated by MTT assay. Specifically, B16-F10 cells were seeded in a 96-well cell culture plate 

in DMEM medium at a density of 5×104 cells/mL with 10% fetal bovine serum (FBS) and 5% 

CO2 at 37 °C for 24 h. Next, the culture medium was replaced by 200 µL of DMEM medium 

containing samples at different concentrations (with non-labelled DNA and insulin) and cultured 

for 72h. Then, 10 µL of 5 mg/mL MTT solution (10% SDS) was added to each cell well. The cells 

were further incubated for 4 h, followed by removal of the culture medium with MTT. Finally, 

100 µL of 10 % SDS was added and incubated overnight at 37 °C. The absorbance of MTT at 492 

nm was measured on an automatic ELISA analyzer (SPR-960), with a reference absorbance at 

977nm. Each experiment was conducted for 3 times and the averaged data were presented. 
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3.3 Results and Discussion 

 NU-1000 MOF NPs [180(20) × 70(10) nm] were synthesized via a solvothermal reaction 

of zirconium chloride (ZrCl4) with H4- TBAPy ligands, modulated by acetic acid in N,N-

dimethylfor- mamide (DMF) at 90 °C (Figure 3-2 A). Similarly, PCN-222 NPs [210(30) × 

50(10) nm] were synthesized via a solvothermal reaction between zirconyl chloride octahydrate 

(ZrOCl2·8H2O) and H4-TCPP-H2 ligands, modulated by dichloroacetic acid in DMF at 130 °C 

(Figure 3-2 B). Next, the thermally activated crystals of NU-1000 were treated with a bis-tris-

propane buffer (BTP, pH = 7) solution of insulin (0.4 mg/mL). The MOF NP insulin 

encapsulation efficiencies were determined by measuring the S (for insulin) and Zr (for MOFs) 

contents by inductively coupled plasma-optical emission spectroscopy. The maximum insulin 

loadings of 34 and 63 wt % were determined for NU-1000 and PCN-222 NPs, respectively, 

which are consistent with our previous report.105 The excess insulin in the supernatant was 

removed by sequential washing steps with DI water. 

 
Figure 3-2 Scanning electron microscopy (left) and transmission electron microscopy (right) 
images of as-synthesized NU-1000 NPs (A) and PCN- 222 NPs (B). (C−D) Colloidal stability of 
NU-1000 and PCN-222 NPs in cell medium, as determined by DLS without (left) and with DNA 
surface modification (right). Scale bars = 100 nm. 
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 The insulin@MOF NPs were functionalized with nucleic acids by coordinating the 

terminal phosphate-modified oligonucleotides to the surface Zr SBUs.65, 100 The sequence used 

here, 5′ (dGGT)10-phosphate 3′, was chosen because it is known with SNAs that a G-rich shell, 

relative to poly dT shells, facilitates higher cellular uptake.106 In a typical NP functionalization 

experiment, excess oligonucleotides were added to a colloidal dispersion of MOF NPs and 

incubated for 4 h (Supporting Information). Particle DNA coverage was quantitively determined 

by measuring the P to Zr ratio by ICP-OES (8 ± 1 nmol/mg for NU-1000 NPs and 10 ± 1 nmol/mg 

for PCN-222 NPs). Powder X-ray diffraction (PXRD) and scanning electron microscopy (SEM) 

confirmed that the crystallinity and morphologies of the MOF NPs were maintained, post-DNA 

functionalization (Figure 3-3 and Figure 3-4). Importantly, dynamic light scattering (DLS) 

verified that DNA surface functionalization significantly increases MOF NP colloidal stability in 

cellular media (90% DMEM buffer +10% fetal bovine serum) for at least 24 h; for comparison, 

unfunctionalized NU-1000 NPs aggregated in less than 1 h, hampering further in vitro use (Figure 

3-2 C,D and EM image of aggregated NPs: Figure 3-5). 

 

Figure 3-3 PXRD spectra of as-synthesized, insulin encapsulated, and DNA-MOF conjugates for 
NU-1000 and PCN-222 NPs. 
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Figure 3-4 SEM images verify that the morphologies of DNA-NU-1000 (left) and DNA-PCN-222 
(right) NPs are maintained post-DNA functionalization. 

 
Figure 3-5 Cryo-HAADF image of insulin encapsulated PCN-222 NPs aggregated in cell medium. 

 In addition to colloidal stability, the intra- and extracellular stability of protein delivery 

vehicles in serum and serum free but biologically relevant matrices is important. Indeed, the 

ability to control degradation could be useful in the development of temporally controlled drug 

delivery applica- tions. Under physiological conditions, intracellular fluid exhibits significantly 

higher inorganic phosphate concentration (5−10 mM) as compared to that of serum (∼1 mM).107-

108 Therefore, the degradation profiles of insulin@DNA-NU-1000 NPs and insulin@DNA-PCN-
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222 NPs were evaluated by exposing them to solutions designed to emulate both extracellular 

and intracellular conditions. To simulate serum, MOF NPs were incubated with 90% DMEM 

buffer +10% blood serum (pH = 7.0) at 37 °C with gentle shaking (400 rpm), where less than 5% 

of degradation occurred within 12 h for both vehicles, and less than 20% within 96 h, suggesting 

DNA-MOF NPs exhibit excellent stability and may be compatible with blood (Figure 3-6 C, 

dashed). In contrast, when the same MOF NPs were incubated in an intracellular medium 

simulant (1 × phosphate buffered saline, pH = 7.0) at 37 °C with gentle shaking, the particles 

degrade at much faster rates (Figure 3-6, solid) due to the high phosphate content, which 

competitively binds to Zr clusters. Interestingly, DNA-PCN-222 NPs exhibit a faster degradation 

rate (half-life = 1 h) when compared to that of DNA-NU-1000 NPs (half-life = 40 h). Such 

degradation kinetics could be useful for in vivo purposes by providing a means to control the 

temporal release of proteins from particles, once inside cells. 
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Figure 3-6 (A) Representative confocal fluorescence micrographs of 10 μm insulin@DNA-NU-
1000 particles verified the colocalization of insulin (AF647 channel) and DNA (TAMRA channel). 
(B) Z-stack image of a single 10 μm insulin@DNA-NU-1000 crystal. (C) Degradation profiles of 
DNA-NU-1000 NPs and DNA-PCN-222 NPs incubated in extracellular medium (dashed lines) 
and in simulated intracellular medium (solid lines) at 37 °C with 400 rpm shaking. 

 To directly visualize nucleic acid-modified, insulin encapsulated MOF NPs, we 

employed confocal laser scanning microscopy to image them. Due to the resolution limits of 

confocal microscopy, larger particles (2.8 μm × 10 μm for NU- 1000), AlexaFluor 647 dye 

(AF647)-labeled insulin, and TAMRA-labeled DNA were used. With such particles, the 

colocalization of AF647 and TAMRA signals can be clearly observed, verifying the 

encapsulation of insulin and DNA surface functionalization of the MOF (Figure 3-6 A). To 

obtain detailed information regarding relative distribution of insulin and DNA, Z-stack images of 

a  single MOF particle were taken, where TAMRA signal (DNA) was observed to preferentially 

occupy the periphery while AF647 (insulin) was present throughout the particle (Figure 3-6 B 
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and Figure 3-7). Brighter AF647 signals were observed at both ends of the particle as compared 

to the center section of the MOF, consistent with the previous observation that proteins diffuse 

into NU-1000 through its 1D channels.54 Due to the large diameter of the MOF pores (3.2 nm for 

NU-1000 and 3.7 nm for PCN-222),104 single stranded DNA was also expected to penetrate 

through the MOF pores and functionalize the internal surface, leading to fluorescence signal 

inside the particles. As verified by N2 adsorption isotherms, reduced N2 uptake capacity was 

observed postinsulin encapsulation for both MOFs, and further loss of porosity was observed 

post-DNA functionalization (Figure 3-7and Figure 3-7). Furthermore, an enzyme-linked 

immunosorbent assay (ELISA) was employed to determine whether insulin would leach from the 

MOF NP pores and/or lose catalytic activity during the DNA functionalization process. In both 

cases, no appreciable leaching and/or insulin activity loss was observed for insulin@DNA-NU-

1000 and insulin@DNA-PCN-222 constructs (Figure 3-7).  

 
Figure 3-7 (A-B) Additional Z-stack images of individual 10 μm insulin@DNA-NU-1000 
crystals. Insulin (AF647 channel: green), DNA (Tamra: red). 
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Figure 3-8 N2 adsorption-desorption isotherms reveal significant surface area reduction post 
insulin encapsulation and DNA functionalization. 

 
Figure 3-9 DFT pore size distributions of NU-1000 and PCN-222 suggest insulin molecules 
occupy both the mesopores and micropores. 
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Figure 3-10 Insulin activity assay, as measured by ELISA, for native insulin (red), 
insulin@MOF NPs (orange for NU-1000, pink for PCN-222), and insulin@DNA-MOF NPs 
(brown for NU-1000, purple for PCN-222). 

 As previously stated, a key characteristic of SNA-NP conjugates is their ability to 

effectively enter cells. Therefore, we tested whether insulin@DNA-MOF NPs exhibited 

enhanced cellular uptake. Specifically, NU-1000 and PCN- 222 NPs were encapsulated with 

AF647-labeled insulin and functionalized with TAMRA-labeled DNA and incubated with human 

ovarian adenocarcinoma cells, SKOV-3, for 0.5, 2, 6, and 24 h. As a control group, a mixture of 

free TAMRA-labeled DNA and AF-647-labeled insulin was incubated with cells at the same 

concentration. Confocal laser scanning microscopy confirms the enrichment of insulin in cellular 

vesicles, as evidenced by strong colocalization of AF647 and TAMRA signals in cellular 

vesicles (Figure 3-7 A−C). The Z-stack images confirm that the insulin@DNA-MOF NPs are 

internalized by the cells, as opposed to attached to their membranes. Consistent with this 

conclusion, flow cytometry showed a 10-fold increase in fluorescence in cells treated with 

insulin@DNA-MOF NPs as compared to those treated with the free insulin + DNA control 

group (Figure 3-7 D). The insulin@DNA-MOF NPs exhibits similar levels of enhancement in 

cellular uptake, as compared to that of conventional SNA-NP conjugates.49 Finally, MTT assays 
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show that the particles result in no apparent cytotoxicity or antiproliferative effects (Figure 3-7 

E). 

 
Figure 3-11 (A−C) Flow cytometry plots and confocal fluorescence micrographs of SK-OV cells 
after treatment with free insulin + DNA (A), insulin@DNA-NU-1000 (B), and insulin@DNA-
PCN-222 (C). (D) Cellular uptake of insulin delivered in different constructs as determ ed by 
flow cytometry. Fluorescence at 647 nm was measured in SK-OV cells after treatment with 
insulin at various incubation time (0.5 and 2 h). (E) MTT assay verifies no appreciable 
cytotoxicity induced by insulin@DNA-PCN-222 and insulin@DNA-NU-1000 NPs. Scale bar = 
10 μm. 

3.4 Conclusions 

 In conclusion, we have developed a facile strategy for using nucleic-acid modified MOF 

NPs to deliver proteins across cell membranes at high payloads and negligible cytotoxicity. This 

work is important since it highlights how clustered surface oligonucleotides on these modular 

materials can be used to make them colloidally stable in physiological environments and useful 

for intracellular biological applications. Future design iterations will allow for encapsulating 
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various proteins by tuning the MOF pore sizes,54, 58, 109 and potentially codelivery of protein and 

nucleic acid targets that are important for many purposes, including in vivo imaging,69 gene 

regulation,99 herapeutics,72 and the study of fundamental cellularprocesses.  
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Chapter 4 . Adsorption of a catalytically accessible polyoxometalate in a 

mesoporous channel-type metal–organic framework 

 

Portions of this chapter appear in the following manuscript: 

 

Chen, Y., Li, P., Noh, H., Kung, C.W., Buru, C.T., Wang, X., Zhang, X. and Farha, O.K. 

Stabilization of Formate Dehydrogenase in a Metal–Organic Framework for Bioelectrocatalytic 

Reduction of CO2. Angew. Chem. Int. 2019, 131(23), 7764-7768. 

 
  



60 
4.1 Introduction 

 Owing to the rising awareness of environmental change, methods have been developed to 

combat the growing emission of greenhouse gas; the major component of which is CO2.110-112 

Regarding the diminution of atmospheric CO2, the primary technologies, namely 

physicochemical adsorption113-115 followed by the injection into deep oceans and geological 

formations,116 are limited by the poor recyclability of the currently employed adsorbents and the 

enormous space and cost requirements, respectively.112, 117 Alternatively, biological fixation of 

CO2 is an efficient and feasible route.118 However, the instability of enzymes in non-biological 

environment and the high cost and consumption of cofactors greatly hinder the development of 

this technology. Thus, enhancing enzymatic reactions achieved by enzyme stabilization as well 

as cofactor regeneration with an economic source of energy (e.g. electrochemical, 

photochemical) will provide a more sustainable technology to mitigate excess CO2.119-122  

 Enzyme stabilization through encapsulation in a porous material has been demonstrated 

to preserve the enzyme structure while minimizing leaching,59, 123-126 commonly observed when 

enzymes are immobilized through other methods.127-130 Metal–organic frameworks (MOFs), a 

class of tunable materials comprised of organic linkers and inorganic nodes,131-137 have been 

demonstrated by us, among others, as porous supports to enhance the stability and, in some 

cases, catalytic activity of the encapsulated enzymes.24, 49, 54, 59, 138 In particular, zirconium-based 

MOFs (NU-10xx series) demonstrate excellent stability in a wide range of acidic and basic 

pH.105, 139 The hierarchical pore structure140-143 allows for the inclusion of large catalytic guest 

molecules,144-146 while allowing substrate diffusion through an auxiliary channel and access to 

the catalyst through apertures connecting the channels (Figure 4-1 a). 
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Figure 4-1 (a) Crystal structure of MOF NU-1006. (b) Schematic illustration of FTO electrode 
modification method and the bioelectrocatalytic reaction mechanism for CO2 reduction. 

 Formate dehydrogenase (FDH) from the yeast species Candida boidinii has been widely 

studied not only for its ability to sequester CO2121, 147-148 but also to transform this carbon source 

into biomass for the production of biofuels.149-151 Despite the high efficiency and selectivity, 

FDH reaction rate depends heavily on the environment, and FDH activity decreases significantly 
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when the pH is lower than 6.152-153 Hence, the stabilization of FDH in acidic environment 

becomes vital to maintaining activity in concentrated CO2 solution. To protect FDH, the enzyme 

was herein immobilized in NU-1006 (Figure 4-1 b). The deposition of an electron mediator and 

the enzyme@MOF composite on a conductive glass electrode afforded a system which, under an 

applied potential, could perform the electrocatalytic generation of formic acid from CO2 in high 

yield. NU-1006 was selected as the supporting material because FDH (6 nm × 4 nm × 11 nm) 

matched the size of the mesoporous channels (6.2 nm). The diameters are similar to promote van 

der Waals interactions between the FDH and the interior of the MOF in order to prevent 

leaching. 

4.2 Experimental Methods 

4.2.1 Material Syntheses 

 General. MOF NU-1006 was synthesized and activated following the published method.154 

Cp*Rh(2,2’-bipyridyl-5,5’-dicarboxylic acid)Cl2 was synthesized with the reported condition.155 

All other chemicals were used as received from Fisher Scientific or Sigma Aldrich.  

4.2.2 Physical Methods 

 Inductively coupled plasma-optical emission spectroscopy (ICP-OES) was performed 

three times to measure the ratio of Zr to S in FDH@NU-1006 sample. The experiment was 

performed on QTEGRA software v. 2.2 Thermo iCap 7600 Duo ICP-OES (Thermo Fisher 

Scientific, Waltham, MA, USA) operating in standard mode. HNO3 (1.5 mL) was added to 2-3 

mg FDH@NU-1006 sample in a 5 mL microwave vial for digestion followed by 0.5 mL H2O2. 

After sealing, the vial was heating in a Biotage (Uppsala, Sweden) SPX microwave reactor 

(software version 2.3, build 6250) at 150 °C for 15 min. The solution was then diluted by 

Millipore water, and the ratio of S to Zr content was quantified by calibration curve of standard 
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solutions. N2 sorption isotherm measurements were performed on a Micromeritics ASAP 2020 

(Micromeritics, Norcross, GA) at 77 K. Samples of 20 to 30 mg were required for each 

measurement. Powder X-ray diffraction (PXRD) measurements were performed on a STOE-

STADI MP powder diffractometer equipped with a Cu rotating anode X-ray source. Scanning 

electron microscopy (SEM) images and energy dispersive X-ray spectroscopy (EDX) were 

collected on Hitachi SU8030. Samples were coated with 7 nm OsO4 in a Denton Desk III TSC 

Sputter Coater (Moorestown, NJ) before each analysis. Gas chromatography measurement was 

performed by Agilent GCMS-Headspace. The sample was derivatized before each measurement 

(details below). 

4.2.3 Electrochemical Measurements. 

 All electrochemical measurements were conducted with a CHI-900 electrochemical 

workstation. A conventional three-electrode setup was used, with a platinum wire and a 

Ag/AgCl/NaCl (3 M) as the counter electrode and reference electrode, respectively. The Rh 

complex-modified FTO electrode deposited with or without FDH@NU-1006 was served as the 

working electrode. Bare FTO electrode was used as the working electrode to obtain the cyclic 

voltammogram (CV) of NAD+ in CO2 saturated solution. 0.5 M Tris buffer was used as the 

electrolyte. 

4.2.4 FDH Encapsulation. 

 FDH encapsulation with NU-1006. Activated NU-1006 crystals (5 mg) were treated with 

1 mL FDH solution (in Tris buffer, 4.5 g/L) for 3 h at room temperature to make sure the FDH 

remains excess. FDH loading was then measured by ICP-OES. To remove the unencapsulated 

FDH, the solid sample was then washed with DI water for three times after removing the 

supernatant.  
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 FDH@NU-1006 loading (in mole percent) calculation. The FDH loading in mole 

percent was calculated with the equation below. There are 28 S in one molecule of FDH and 6 Zr 

one node of NU-1006. The solvent area volume of NU-1006 is 76.28 nm3. 

𝐹𝐷𝐻	𝑙𝑜𝑎𝑑𝑖𝑛𝑔 =
𝑚𝑜𝑙𝑒	𝑜𝑓	𝐹𝐷𝐻

𝑚𝑜𝑙𝑒	𝑜𝑓	𝑍𝑟	𝑛𝑜𝑑𝑒 × 100% 

4.2.5 Rh-FTO Electrode Modification. 

 Before atomic layer deposition (ALD), FTO glass was cut into 2 cm ´ 3 cm pieces and 

then sonicated in soap water, ethanol and then acetone for 15 min consecutively. After the washing 

steps, FTO glass was dried under nitrogen flow to avoid contamination from the air. ALD was 

performed by Savannah 100 system. Tetrakis (dimethylamido)zirconium (IV)(TDMAZ) was used 

as the zirconium precursor and DI water served as oxygen source. The ALD chamber was held at 

150 °C under N2 flow for deposition. To grow zirconium oxide on FTO, Zr precursor (150 °C) 

was pulsed for 0.03 s, followed by 20 s N2 purge (A half-cycle); then, water was pulsed for 0.02 s 

and followed by another 20 s N2 purge (B half-cycle). The AB cycle was performed for 3 times.  

Then, the FTO glass after ALD was wrapped with Electron Microscopy Sciences KAPTON tape 

and an area of 1.1 cm ´ 1.4 cm was exposed for further modification. To synthesize Rh(III)-FTO 

electrode, 2 mg of Rh(III) complex was mixed with methanol and drop-casted on the exposed area 

of FTO electrode. After drying in the air, the Rh(III) on FTO electrode was further fixed with 200 

µL of Nafion solution (10% Nafion in methanol). Then, 5 mg of FDH@NU-1006 was mixed with 

200 µL of Nafion solution and drop-casted on the Rh(III)-FTO electrode. The resulting electrode 

was air-dried to prepare the FDH@NU-1006 modified Rh(III)-FTO electrode for the enzymatic 

reaction. 

4.2.6 Derivatization before GCMS-Headspace Measurement. 
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 To measure the formic acid concentration in the reaction solution, 100 µL of reaction 

solution was mixed with 100 µL methanol and followed by 5 µL of concentrated H2SO4 in a 10 

mL glass headspace vial (Agilent Technologies, USA). Then the mixture solution in the vial was 

mixed by slight agitation before being placed on the auto sampler. 

4.3 Results and Discussion 

 The MOF was synthesized and activated following the reported procedure.154 Activated 

NU-1006 was soaked in FDH solution (6 ´ 10-3 mM in 0.5 M Tris buffer, pH=7.5) for 4 h at 

room temperature for the encapsulation of FDH. Then, the solid material was centrifuged down 

to remove the excess FDH and washed 3 times with deionized (DI) water to obtain FDH@NU-

1006. The loading of FDH was determined by inductively coupled plasma-optical emission 

spectroscopy (ICP-OES) to be 0.04 ± 0.001 FDH/node (based on S to Zr ratio). This would 

equate to FDH taking up 39.4% of the hexagonal pore volume. 

 The N2 sorption isotherms measured at 77 K of the support NU-1006 and the composite 

FDH@NU-1006 display a much lower N2 uptake capacity after the encapsulation of FDH 

(Figure 4-2 a), and the Brunauer-Emmet-Teller (BET) area dropped from 1730 to 710 m2/g due 

to the incorporation of FDH in the parent framework. The density functional theory (DFT) 

calculated pore size distribution shows the disappearance of the mesopores, while the micropores 

are maintained (Figure 4-3), implying the FDH is located within the mesopores. Powder X-ray 

diffraction (PXRD) patterns verify that NU-1006 retains its crystallinity after encapsulation of 

FDH (Figure 4-2 b), confirming that the decreased N2 uptake is not a result of MOF degradation. 

The lower intensity of the (100) Bragg peak has been attributed previously to occupation of the 

mesopore with a guest molecule.156 Furthermore, the SEM images confirm the retained 

morphology of NU-1006 after FDH encapsulation (Figure 4-2 c and Figure 4-2 d), and the 
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energy dispersive X-ray spectroscopy (EDX) line scan indicates that FDH is uniformly 

distributed in NU-1006 crystals (Figure 4-4). 

 
Figure 4-2 (a) N2 sorption isotherms of NU-1006 (black) and FDH@NU-1006 (red) (b) PXRD 
patterns of synthesized NU-1006, simulated NU-1006, and FDH@NU-1006 (c) SEM image of 
NU-1006 (d) SEM image of FDH@NU-1006. 

 

Figure 4-3 DFT Pore size distribution of NU-1006 and FDH@NU-1006. 
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Figure 4-4 SEM-EDX line scan measured on a crystal of FDH@NU-1006. 

 Given the near uniformity of the MOF pore size and the kinetic diameter of FDH, we 

speculated that the MOF pores can effectively mitigate, or all together eliminate, the FDH 

deactivation by preventing enzyme exfoliation through confinement. To test this, catalytic amounts 

of the free FDH and FDH@NU-1006 (6 ´ 10-3 mM of FDH) were suspended in Tris buffer 

solutions at different pH. The optimal pH for FDH reaction is reported as pH = 7, and FDH activity 

decreases with the drop of environmental pH.152 Once suspended, nicotinamide adenine 

dinucleotide (NADH, 13 Å × 11 Å × 19 Å, 1 mM) was added, and the conversion of NADH to 

NAD+ was monitored by ultraviolet–visible spectroscopy (UV-vis; Figure 4-5). For free FDH 

reaction, the amount of converted NADH is significantly lower at pH = 4 Tris buffer solution (the 

same pH of saturated CO2 solution) compared to that of pH = 7 (Figure 4-6 a). In comparison, the 

activity of encapsulated FDH remains unchanged in acidic environment, which suggests that NU-

1006 protects FDH in acidic environment. In addition, at the optimal reaction pH (pH=7), 

FDH@NU-1006 is approximately three-fold more efficient at converting NADH than the free 

FDH within the same amount of time and same amount of enzyme. To rationalize this behavior, 
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bare NU-1006 was added to solutions of NADH and NAD+, and the NADH/NAD+ concentrations 

were measured by UV-vis spectroscopy. With selective adsorption of NADH against NAD+ 

(Figure 4-7), NU-1006 can realize the pre-concentration of the reaction substrate, thus leading to 

the observed increase of the reaction rate. 

 

Figure 4-5 UV-vis standard curve for NADH. 

 
Figure 4-6 (a) Conversion of NADH by free FDH and suspended FDH@NU-1006 at pH = 7.4 
and pH = 4.0 within 1 h. (b) NAD+ conversion to NADH using Rh-FTO glass electrode with and 
without an applied potential. 
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Figure 4-7 The percentage of NADH and NAD+ left in the supernatant after adding 5 mg of NU-
1006 to the 10 mL solution. The starting concentrations of NADH and NAD+ were 1 mM. 

 To avoid using NADH as a stoichiometric reagent, NAD+ can react with a hydride donor 

to yield NADH, a process which can be catalyzed electrochemically. The electrochemical NADH 

regeneration was accomplished by using a modified electrode. Briefly, the surface of a conductive 

fluorine-doped tin oxide (FTO) glass slide was coated with ZrO2 via atomic layer deposition 

(ALD). The zirconia layer allowed for coordination to the carboxylic acid moieties on the Rh 

complex (Cp*Rh(2,2’-bipyridyl-5,5’-dicarboxylic acid)Cl2), a reported hydride transfer agent 

which will prevent the formation of undesired byproduct NAD2 dimer (Figure 4-1).119 To decide 

the potential applied to the electrode, the cyclic voltammograms (CV) of the Rh complex-modified 

FTO electrode and NAD+ were measured and a potential of -1.1 V vs. Ag/AgCl was chosen to be 

applied to realize the regeneration process (Figure 4-8 and  

). The electrode coated with the Rh complex (1 ´ 10-2 mM) was immersed in a 1 mM solution of 

NAD+, and the NADH concentration was quantified by UV-vis by monitoring the absorbance of 

the supernatant at 340 nm. After applying a −1.1 V vs. Ag/AgCl potential for 1 h, the reaction 

reached equilibrium in 20 min with more than 90% of the NAD+ converted to NADH (Figure 4-6 

b). The color of the Rh-FTO glass electrode turned from yellow to brown when the potential was 
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applied during the reaction, which corresponds to the reduction of Rh(III) to Rh(I) (Figure 

4-10),157-158 and the color of the electrode reverts back to yellow when the potential was removed. 

Without an applied potential, NADH is not observed in the presence of the Rh(III) complex on 

FTO glass electrode.  

 

Figure 4-8 CV of Rh complex-modified FTO electrode measured in CO2 saturated 0.5 M Tris 
buffer. Scan rate: 50 mV/s. 

 

Figure 4-9 CV of NAD+ (1 mM) with bare FTO electrode measured in CO2 saturated 0.5 M Tris 
buffer. Scan rate: 50 mV/s. 
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Figure 4-10 Photos of Rh(III)-FTO electrode before (left) and immediately after (middle) NADH 
regeneration reaction and FDH@NU-1006 modified Rh(III)-FTO electrode (right). 

 After determining that the enzyme@MOF could oxidize NADH and the Rh complex 

could reduce NAD+, we sought to verify that the regenerated NADH can be utilized by FDH for 

CO2 fixation reaction to further realize the bioelectrocatalytic reaction system, using NAD+ as 

the coenzyme. Formic acid in excess of 1 turnover would be produced by FDH@NU-1006 if the 

enzyme is able to use the NADH regenerated by the Rh-FTO electrode. For this system, 

FDH@NU-1006 (6 ´ 10-3 mM of FDH) crystallites were drop-casted from a Nafion solution 

onto an Rh-FTO electrode to limit the effect of diffusion on the accessibility of the regenerated 

NADH to the encapsulated enzyme. The modified electrode was then immersed in 10 mL of a 

CO2 saturated 0.5 M Tris buffered solution, and 1 mM of NAD+ was added. The concentration 

of formic acid in solution was measured by headspace gas chromatography (GC-Headspace) 

after derivatization with methanol (Figure 4-11). After 1 h at -1.1 V applied potential, the 

concentration of formic acid reaches 79 ± 3 mM (Figure 4-12), which corresponds to a turnover 

number of 1.3 ´ 104 and also suggests that each NADH was regenerated an average of 79 times 

during the reaction, comparing with the starting NAD+ concentration at 1 mM. During the 

reaction, the concentration of NADH increases gradually and eventually reached saturation after 

60 min (Figure 4-13). The Rh-FTO electrode modified by drop-casting of free FDH with Nafion 
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solution shows a lower reaction rate by producing around 25 mM of formic acid in 1 h under the 

same condition (Figure 4-14). Without applying a potential, NADH is unable to be regenerated, 

and consequently, there is no obvious change in formic acid concentration in solution which 

confirms that only NADH, instead of NAD+, can be utilized in the production of formic acid. 

The Rh-FTO electrode with NU-1006 crystallites (no FDH) drop casted on does not increase the 

formic acid concentration with increasing exposure time, indicating that formic acid in solution 

is not introduced by the MOF crystals. Additionally, Rh-FTO electrode without enzyme@MOF 

does not produce formic acid without FDH in 1 h. 

 

Figure 4-11 UV-vis standard curve for NADH. 
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Figure 4-12 The concentration of formic acid generated by FDH with NAD+ in Tris buffer solution 
with saturated CO2. 

 

Figure 4-13 NAD+ conversion during bioelectrocatalytic reduction of CO2. 
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Figure 4-14 The concentration of formic acid generated by FDH with NAD+ in Tris buffer solution 
with saturated CO2. 

4.4 Conclusions 

 In conclusion, we successfully stabilized FDH for CO2 fixation within the mesoporous 

MOF, NU-1006, in an acidic environment. The encapsulated FDH exhibited enhanced activity 

for the generation of NAD+ from NADH, even at the enzyme’s optimal reaction pH. Importantly, 

the NADH can be regenerated using Rh-FTO glass electrode. Coupling these reactions, formic 

acid was produced using catalytic amount of NAD+ and enzyme over an applied potential, which 

can realize the simple separation of enzyme from the reaction system as well as the high 

efficiency CO2 fixation with recyclable co-factor. These results have paved the way for the 

design of highly efficient and sustainable electro-enzymatic reaction systems for carbon fixation. 
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Chapter 5 . Integration of Enzymes and Photosensitizers in a Hierarchical 

Mesoporous Metal–Organic Framework for Light-Driven CO2 Reduction 

 

Portions of this chapter appear in the following manuscript: 

 

Chen, Y., Li, P., Zhou, J., Buru, C. T., Đorđević, L., Li, P., Zhang, X., Cetin, M.M., Stoddart, J.F., 

Stupp, S.I., Wasielewski, M.R., Farha, O. K. Integration of Enzymes and Photosensitizers in A 

Hierarchical Mesoporous Metal–Organic Framework for Light-driven CO2 Reduction. JACS. 

2020, 142(4), 1768-1773. 
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5.1 Introduction 

 The increasing demands for clean, renewable and sustainable fuels have stimulated the 

fast evolution of technologies to harvest natural resources like solar energy.159 Though synthetic 

multi-junction solar cells achieve nearly 48% quantum efficiencies for electricity generation,160 

systems that convert solar irradiation directly to high-value chemicals remain elusive.161 As a 

consequence of the multi-step processes involved in solar-to-chemical conversion, biological-

based approaches, such as those employing photosynthesis, would be ideal candidates for this 

complicated process; these systems, however, suffer from low efficiencies as a result of poor 

light harvesting.162-164 Thus, the development of semi-artificial systems interfacing the highly 

efficient synthetic light harvesters with sophisticated biological processes capable of biomass 

production is a highly desirable combination, which can efficiently take advantage of the 

abundant solar radiation with minimal waste generation.165  

 In formate dehydrogenase (FDH)-based photosystems, the enzyme requires a coenzyme, 

nicotinamide adenine dinucleotide (NAD+/NADH) to produce formic acid from CO2. As a 

consequence of the energy mismatch between an excited state photosensitizer and NAD+, an 

electron mediator which does match the excited state photosensitizer is often employed.166-167 to 

regenerate the coenzyme so that the reaction is not stoichiometric in NADH A rhodium-based 

complex, Cp*Rh(bpy)Cl (RhCp*, Cp* = pentamethylcyclodienyl; bpy = bipyridine)168 and its 

derivatives, have proven122, 169 to be efficient electron mediators for this process. The fabrication 

of a semi-artificial photosynthetic (SAP) system, which can access efficiently all the components 

involved, requires precise atomic arrangements,170 close proximity,171 and high chemical 

stability105, 172. Previously reported inorganic-organic-biological hybrid systems for solar-to-

chemical conversions include (i) coupling FDH CO2 reduction with a graphene-based 
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photocatalyst,121 (ii) a water-soluble zinc porphyrin,173 (iii)a Mg chlorophyll-a photosensitizer174 

and (iv) a viologen skeleton.175 While these SAP systems are able to generate value-added 

products utilizing light-harvesting molecules, redox enzymes, and coenzymes, they tend to suffer 

from low reaction rates and system stability. 

 Metal-organic frameworks (MOFs) are highly crystalline, porous materials with diverse 

customizable components that make it possible to access a wide variety of structures and 

functionalities to target applications, including, but not limited to, gas storage176-177 and 

separation,178-179 catalysis,140, 146, 180 and light harvesting.162, 181 Incorporation of photosensitizing 

molecules as the struts in MOFs can assemble the chromophores into well-isolated and 

structurally ordered arrays for efficient light harvesting.162, 182-184 The separation of these 

chromophores allows for effective energy transfer and antenna behavior, while preventing185 

excited state quenching through self-association. The water-stable zirconium-based MOF, NU-

1000, bearing pyrene-based linkers has already been demonstrated186 by us as an effective 

photosensitizer capable of producing singlet oxygen under LED irradiation. As an addition to 

NU-1000, our group has recently reported154 the de novo synthesis of the isoreticular series NU-

100x (x = 2 to 7), all composed of tetracarboxylate-based linkers with a pyrene core. The large 

mesopores (3.1 to 6.5 nm) of these MOFs have been utilized to anchor a wide variety of large 

redox active compounds such as molecular switches,187 C60188-189 and even a range of 

enzymes.58, 190  

 In this chapter, we selected the hierarchical mesoporous MOF, NU-1006, for the 

incorporation of electron mediators and FDH to assemble (Figure 5-1 a) a prototypical SAP 

system. Upon excitation of the scaffold MOF, a series of electron transfers allows for the 

generation of NADH from NAD+. Most importantly of all, when the FDH enzyme is 
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encapsulated in the MOF scaffold, the system, driven by white light, utilizes (Figure 5-1 b) the 

photochemically generated NADH to convert CO2 to formic acid.  

 

Figure 5-1 (a) Schematic representation of the de novo assembly of pyrene-based photosensitizers 
and Zr6 clusters in NU-1006 (left), Solvent-Assisted Ligand Incorporation (SALI) of electron 
mediators on the node (middle) to obtain Rh-NU-1006, and encapsulation of the FDH enzyme to 
form FDH@Rh-NU-1006; (b) illustration of the primary catalytic cycle, where photochemical 
NADH regeneration with modified MOF is coupled with enzymatic CO2 reduction (red spheres = 
O, green spheres = Zr, gray spheres = C, white spheres = H). 

5.2 Experimental Methods 

5.2.1 Material Syntheses 

 Tris-HCl solution (pH=7) was prepared by adding HCl to the purchased Tris buffer solution 

until the pH value dropped to 7. MOF NU-1006 was synthesized and activated following the 

published method.154 Cp*Rh(2,2’-bipyridyl-5,5’-dicarboxylic acid)Cl2 (RhCp*) was synthesized 
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with the reported condition.155 All other chemicals were used as received from Fisher Scientific or 

Sigma Aldrich. 

5.2.2 Physical Methods 

 Powder X-ray diffraction was measured at room temperature on a STOE-STADI P powder 

diffractometer equipped with an asymmetric curved Germanium monochromator (CuKα1 

radiation, λ = 1.54056 Å) and a one-dimensional silicon strip detector (MYTHEN2 1K from 

DECTRIS). The line focused Cu X-ray tube was operated at 40 kV and 40 mA. Ar sorption 

isotherm measurements were performed on a Micromeritics ASAP-2020 (Micromeritics, 

Norcross, GA) at 87 K. The data points between 0.03 and 0.14 P/P0 were chosen for the BET 

surface area calculation to minimize the error for consistency criteria (R2=0.9997). Between 30 

and 50 mg of material was used for each measurement. The pore size distribution analysis was 

obtained by fitting the 2D-NLDFT model to the argon adsorption isotherms measured at 87 K. 

Inductively coupled plasma-optical emission spectroscopy (ICP-OES) was performed three times 

to measure the quantify the loading of Rh complex in NU-1006. The experiment was performed 

on QTEGRA software v. 2.2 Thermo iCap 7600 Duo ICP-OES (Thermo Fisher Scientific, 

Waltham, MA, USA) operating in standard mode. HNO3 (1.5 mL) was added to 2-3 mg Rh-NU-

1006 in a 5 mL microwave vial for digestion followed by 0.5 mL H2O2. After sealing, the vial was 

heating in a Biotage (Uppsala, Sweden) SPX microwave reactor (software version 2.3, build 6250) 

at 150 °C for 15 min. The solution was then diluted by Millipore water, and the ratio of Zr to Rh 

was determined by calibration curve of standard solutions. Diffuse reflectance UV-vis spectra of 

the solid MOF samples were recorded with a Shimadzu UV-3600 with a Harrick Praying Mantis 

diffuse reflectance accessory. Teflon was used as a perfect reflector for baseline collection and the 

samples were diluted with Teflon for the measurements. The obtained reflectance spectra were 
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converted to absorption spectra by using Kubelka–Munk function. α/S = (1 − R)2(2R)−1 where R 

is the reflectance, α and S are the absorption and scattering coefficients, respectively. Scanning 

electron microscopy (SEM) images and energy dispersive X-ray spectroscopy (EDX) were 

collected on Hitachi SU8030. Samples were coated with 7 nm OsO4 in a Denton Desk III TSC 

Sputter Coater (Moorestown, NJ) before each analysis. Gas chromatography measurement was 

performed by Agilent GCMS-Headspace. The sample was derivatized before each measurement 

(details below). Steady-state and time-resolved photoluminescence (TRPL) spectra were acquired 

using HORIBA Fluorolog-3 equipped with a 450 W xenon lamp and a TCSPC module (diode laser 

excitation at λ = 375 nm).  

5.2.3 Electrochemical Measurements 

 All electrochemical measurements were conducted with a CHI-900 electrochemical 

workstation. A conventional three-electrode setup was used, with a platinum wire and a 

Ag/AgCl/NaCl (3 M) as the counter electrode and reference electrode, respectively. Bare FTO 

electrode was used as the working electrode to obtain the cyclic voltammogram (CV) of RhCp in 

0.5 M Tris buffer containing 0.1 M TEOA. For photocurrent-time (I-T) measurements, FTO glass 

electrode deposited with NU-1006 or Rh-NU-1006 was used as the working electrode, the scan 

rate was set as 50 mV s-1.  

5.2.4 Rh Complex Incorporation 

 In order to execute the SALI process, NU-1006 (0.46 mM in MeOH) was mixed with the 

Rh-complex at 1:1 gravimetric ratio to ensure excess of the Rh-complex. The mixture was stored 

in an oven at 60 °C for 24 h before the Rh-NU-1006 was centrifuged down and washed three times 

with MeOH. 

5.2.5 FDH Encapsulation  
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 5.6 mg of activated Rh-NU-1006 crystals (same molecular ratio of MOF to FDH as the 

previously published procedure3) were treated with 1 mL FDH solution (in Tris buffer, 4.5 g/L) 

for 3 h at room temperature to make sure the FDH remains excess. To remove the 

unencapsulated FDH, the solid sample was then washed with DI water for three times after 

removing the supernatant. 

5.2.6 Deposition of MOFs on FTO 

 FTO glass was cut into 3 cm ́  3 cm pieces and sonicated in soap water, ethanol and acetone 

for 15 min consecutively to remove dust and other possible contamination. After the washing steps, 

FTO glass was dried under nitrogen flow to prevent the dust from air. Then, the FTO glass was 

wrapped with Electron Microscopy Sciences KAPTON tape and left an area of 0.5 cm ´ 0.5 cm 

was exposed. 5 mg of NU-1006 or NU-1006-RhCp was mixed with 200 µL of Nafion solution 

(10% Nafion in ethanol) and drop-casted on the exposed area of FTO electrode. The resulting 

electrode was air-dried and used as working electrode for electrochemical measurements.  

5.2.7 Irradiation Setup 

 We used 2DR borosilicate glass vials (17 × 60 mm, 03-338C, Fisher scientific) equipped 

with screw caps (open top, TS-13216, Thermo scientific) and Teflon disc (TS-12713, Thermo 

scientific). After closing, vials were flushed with stream of Ar (5 min) followed by CO2 (10 min), 

using steel needles as inlet and outlet, inserted through the cap. The inlet (long needle) was placed 

inside the solution, while the outlet (short needle) was placed above the solution. Irradiation of the 

vials was done with a halogen lamp (150 W EKE bulb, 400-700 nm) mounted on a Schott DCR 

III light source and equipped with fiber optic goosenecks (Schott Quad calibrated bundle). The 

samples were suspended and irradiated from the bottom, approximately 0.5 cm from the fiber optic 

light source (power output ~250 W∙cm−2). Furthermore, the samples rack and the goosenecks were 
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placed on top of an orbital shaker, which ensured mixing during the irradiation of the samples. 

Considering that the reduction of CO2 to HCOOH is a two-electron process, the overall quantum 

yield of the process (ΦHCOOH) was calculated using the following equation: 

ΦJKLLJ =
number	of	HCOOH	molecules	 × 	2
number	of	photons	absorbed 	× 	100 

The number of HCOOH molecules can be determined from the moles of HCOOMe in the solution 

(obtained by derivatization and GC-MS measurements as described above) and Avogadro’s 

number (6.022 × 1023). The number of photons (7.95 × 1017 s−1) was estimated by measuring the 

incident light power that is reaching the vial (447 nm LED at 200 mW∙cm−2, measured using an 

optical power meter PM100D with optical sensor S120VC from Thorlabs) and considering the 

illuminated area of the bottom of the vial. The obtained quantum yield is ΦHCOOH = 6.3 × 10−2 % 

(at 4 hours of irradiation). 

5.2.8 Derivatization before GCMS-Headspace Measurement 

 To measure the formic acid concentration in the reaction solution, 100 µL of reaction 

solution was mixed with 100 µL methanol and followed by 5 µL of concentrated H2SO4 in a 10 

mL glass headspace vial (Agilent Technologies, USA). Then the mixture solution in the vial was mixed 

by slight agitation before being placed on the auto sampler.  

5.2.9 NADH Regeneration Experiments Sample Preparation 

 In 4 vials of 2 ml Tris buffered solution (1 mM of NAD+, 0.5 mM of TEOA), 0.89 mM of 

Rh-NU-1006, NU-1006, NU-1006 mixed with Rh complex and NU-1006 linker were added 

respectively to ensure the equivalent amount of light-harvesting source (linker). In Tris buffer (2 

mL) containing NAD+ (1 mM) and TEOA (0.5 mM) were measured to get the background 

absorbance at 340 nm at 0 min. When Rh complex was added to system, its final concentration 



83 
was controlled to be 0.029 mM (same as that in Rh-NU-1006). 

5.2.10 Formic Acid Generation Sample Preparation 

 A white light (150 W EKE bulb, 400-700 nm), equipped with fiber optic goosenecks, was 

chosen as a mimic for sunlight to irradiate the samples and generate electrons for photochemical 

regeneration of NADH. In order to maintain the suspension of the samples during irradiation, vials 

containing different samples were placed on a shaker and irradiated from the bottom, 

approximately 0.5 cm from the fiber optic light source. FDH@Rh-NU-1006 (1.8×10−3 M) was 

dispersed in Tris buffer solution (2 mL) containing 0.5 mM TEOA and 1 mM NAD+ in a 2-dram 

vial. In the experiment, 5 vials were sealed and purged with Ar for 3 times to exclude the effect of 

air in the reaction. After that, 4 of the vials were further purged with CO2 the time points and 1 

vial were used as a control experiment to test if the FDH@Rh-NU-1006 itself can generate formate 

without CO2.  

5.2.11 Chromatographic Detection of Gases 

 The samples were prepared in the same way as described above, but with the pressure of 

CO2 being 1 atm inside the vial. The gases generated during the photolysis were quantified by GC 

(Shimadzu GC-2014) thermal conductivity detector (TCD) and flame ionization detector (FID) 

measurements of 500 µL injections from the reaction vial headspaces. The experiments were 

performed at least in duplicate (errors <10%). It was found that the FDH@Rh-NU-1006 (1.8×10−3 

M, dispersed in 2 mL Tris buffer solution, containing 0.5 mM TEOA and 1 mM NAD+) generates 

small amounts of CO gas. No H2 or CH4 were detected. After four hours of irradiation with white 

light (250 W/cm2) the total amount of CO produced was 48.4 nmol. For comparison, the amount 

of HCOOH produced in the same amount of time is 3.17±0.001 µmol. 

5.2.12 13C NMR of Reaction Solution 
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 The samples were prepared in the same way and were irradiated with white light (250 

W/cm2). After 4 hours, 500 µL of the reaction solution were transferred to an NMR tube, 3-

(trimethylsilyl)propionic-2,2,3,3-d4 acid sodium salt (TSP) standard was added (10 µL of 0.23 M 

solution in D2O), followed by 50 µL of D2O. The quantitative 13C NMR spectrum (Figure S13) 

was obtained with Bruker Avance III 500 MHz system (equipped with DCH CryoProbe). The TSP 

signals are at 54.90, 19.66, 15.56 and −2.04 ppm (Organometallics 2010, 29, 2176–2179, 

10.1021/om100106e). The NMR spectrum shows a small peak at 49.5 ppm, which indicates the 

presence of a small amount of CH3OH in the solution. 

5.3 Results and Discussion 

 In order to assemble the semi-artificial system, the Rh-complex, Cp*Rh(bpydc)Cl (bpydc 

= bipyridine-2,10-dicarboxylic acid), is first of all incorporated into NU-1006 by solvent-

assisted-ligand-incorporation (SALI), which replaces a pair of terminal OH/OH2 ligands on the 

8-connected node with a carboxylate group appended to the molecule of interest which has 

proven191 effective for the incorporation of carboxylate-functionalized organic ligands on the Zr-

nodes of MOFs. After incorporating Rh complex, Rh loading was measured by inductively 

coupled plasma-optical emission spectroscopy (ICP-OES) to be 1.2±0.1 Rh/node, based on Rh-

to-Zr ratio. The 1H nuclear magnetic resonance (1H NMR) spectrum (Figure 5-2) of Rh-NU-

1006 was collected after MOF digestion. Comparing the 1H NMR spectrum of NU-1006 with 

that of the Rh complex alone, the spectrum of the post-SALI MOF confirmed that Rh complex 

had been incorporated into the MOF. FDH was then immobilized in Rh-NU-1006, following a 

previously reported190 method.  
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Figure 5-2 1H NMR spectrum of Rh Complex, digested NU-1006, and digested Rh-NU-1006. 

 Powder X-ray diffraction (PXRD) patterns indicate (Figure 5-3 a) that the bulk 

crystallinity of NU-1006 is retained after SALI of Rh-complex, as well as after the immobilization 

of FDH. Ar sorption isotherms at 87 K show two-steps for NU-1006, confirming (Figure 5-3 b) 

the existence of the two mesoporous channels in its structure.154 The decrease in Ar uptakes for 

Rh-NU-1006 and FDH@Rh-NU-1006 indicates the incorporation of the Rh complex in NU-1006 

and the existence of the enzyme in the sample, respectively. Compared to that of the parent NU-

1006, the pore size distribution (Figure 5-4) of Rh-NU-1006 suggests a decreased in volume for 

both the hexagonal mesopore (pore width= 6.2 nm) and the triangular channels (pore width= 3.1 

nm), indicating that the Rh-complex is located inside both pores. For FDH@Rh-NU-1006, the 

hexagonal mesopores of NU-1006 are occupied by the enzymes, while the triangular channel and 

the orthogonal windows between the channels (2.0 nm) remain accessible to the co-enzymes. The 

NU-1006 

Rh complex 

Rh-NU-1006 
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retention of the rod-shaped morphology in Rh-NU-1006 is confirmed (Figure 5-5) with scanning 

electronic microscopy (SEM) images. No obvious degradation of the MOF crystals is observed 

after SALI. Energy dispersive X-ray spectroscopy (EDX) line scans of Rh-NU-1006 show (Figure 

5-6) that the Rh complex is well-distributed in NU-1006 crystallites.102, 141  

 
Figure 5-3 (a) PXRD patterns of FDH@Rh-NU-1006, Rh-NU-1006, as synthesized NU-1006 and 
simulated NU-1006 (b) Ar isotherms of NU-1006, Rh-NU-1006, and FDH@NU-1006. 

(a)

(b)

FDH@Rh-NU-1006
Rh-NU-1006
NU-1006 As synthesized
Simulated NU-1006

(degrees)
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Figure 5-4 Pore size distribution of NU-1006, Rh-NU-1006 and FDH@Rh-NU-1006. 

 

Figure 5-5 Diffuse reflectance UV-vis absorption measurement of Rh-NU-1006. 

 
Figure 5-6 Energy dispersive X-ray spectroscopy (EDX) line scans of Rh-NU-1006. 
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 Diffuse reflectance UV-Vis measurements of Rh-NU-1006 shows (Figure 5-7) two 

strong absorption peaks at 300 and 420 nm, respectively, which are consistent with that of NU-

1006. In order to probe the electron transfer process between the photo-excited pyrene-based 

linkers and the incorporated Rh-complex, the transient photocurrent was measured under high 

density blue LED light illumination - 𝜆max = 420 nm, 36 W, Kessil H150 Blue grow light. In this 

experiment, NU-1006 and Rh-NU-1006 were each mixed in Nafion solutions (90 g/L in EtOH), 

and the mixtures were drop-casted on fluorine-doped tin oxide (FTO) glass (0.5 cm × 0.5 cm) 

(Figure 5-8). The photo-response of Rh-NU-1006 decreased in intensity significantly compared 

with that (Figure 5-9 a) of NU-1006, suggesting that some of the electrons are transferred within 

the sample instead of being measured by the working electrode. In order to confirm the electron 

transfer within Rh-NU-1006, a static fluorescence measurement (Figure 5-10) and time-resolved 

fluorescence decay analysis (Figure 5-9 b) were carried out. The results of time-resolved 

emission kinetics display that the emission lifetime of Rh-NU-1006 is the shortest - within the 

0.1 ns time resolution for the streak camera at this time range - as compared to that of (i) the NU-

1006 (0.5 ± 0.1 ns), (ii) the physically mixed pyrene linker and Rh complex (1.4 ± 0.1 ns), (iii) 

the physical mixture of NU-1006 and the Rh complex (0.6 ± 0.1 ns), and (iv) the free pyrene-

based linker (1.4 ± 0.1 ns). The results confirm that electron transfer is facilitated when the linker 

and Rh complex are assembled within the MOF.  
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Figure 5-7 Static fluorescence spectrum of NU-1006 linker, NU-1006 with Rh complex, NU-1006 
and Rh-NU-1006. 

 
Figure 5-8 Photos of FTO electrodes deposited with NU-1006 (left) and Rh-NU-1006 (right). 
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Figure 5-9 (a) Photocurrent-time profiles of NU-1006 and Rh-NU-1006 under illumination of blue 
LED light at the potential of -0.2 V vs. Ag/AgCl. (b) Time-resolved fluorescence intensity of NU-
1006-linker, NU-1006 linker mixed with Rh complex, NU-1006, and Rh-NU-1006. 
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Figure 5-10 CV of NU-1006 linker in Tris buffer. Scan rate: 50 mV/s. 

 In an attempt to illustrate the photochemical NADH regeneration process, the energy 

diagram is shown (Figure 5-11) for the reactions. The linker and Rh complex reduction 

potentials were observed (Figure 5-12 and Figure 5-13) at −1.09and −0.86 V vs. Ag+/AgCl, 

respectively, by cyclic voltammetry (CV). The highest occupied molecular orbital (HOMO) (E≈ 

−7.09 eV) and lowest unoccupied molecular orbital (LUMO) (E≈ −3.31 eV) of the pyrene-based 

linker were calculated from CV.192 Visible-light driven electron transfer from the pyrene linkers 

to the electrochemical mediator results in the activation of the Rh complex. Thereafter, the 

activated electron mediator can deliver190, 193 one further hydride to NAD+. Meanwhile, the 

sacrificial electron donor, triethanolamine (TEOA), reduces the oxidized pyrene core of the 

linker to avoid photodegradation.  
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Figure 5-11 Energy diagram of photochemical regeneration of NADH in NU-1006. 

 
Figure 5-12 CV of NU-1006 linker in Tris buffer. Scan rate: 50 mV/s. 
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Figure 5-13 CV of Rh complex measured in Tris buffer. Scan rate: 50 mV/s. 

 In order to verify that Rh-NU-1006 is able to generate the coenzyme NADH with NAD+ 

as depicted (Figure 5-14) in the energy diagram, the concentration of generated NADH in the 

solution was measured by UV-Vis spectra. A white light was chosen as a mimic for sunlight to 

irradiate the samples. The physical mixture of the Rh complex and NU-1006 is able to convert 10% 

of NAD+ to NADH in 2 h, when compared with the starting NAD+ concentration (1mM). Similarly, 

the Rh complex mixed with the linker is able to convert 8% of starting NAD+, suggesting the 

combination of electron mediator and photosensitizer are able to realize the conversion of NAD+. 

Without the Rh complex being an electron mediator, NU-1006 by itself is not able to convert a 

significant amount of NAD+. With the close proximity of Rh complex to the pyrene-based linkers, 

Rh-NU-1006 is able to converts 28% of the starting NAD+ after 2 h, which is about three times as 

much as the physical mixture of MOF and the electron mediator (Figure 5-14 a). After 24 h, 

quantitative of the initial NAD+ was converted to NADH. 
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Figure 5-14 Energy diagram of photochemical regeneration of NADH in NU-1006. 

 
Figure 5-15 Energy diagram of photochemical regeneration of NADH in NU-1006. 
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 After verifying that Rh-NU-1006 is able to regenerate NADH from NAD+ with white 

light irradiation, FDH was then immobilized with Rh-NU-1006 through post-synthetic 

encapsulation. The loading of FDH was determined to be 0.042 ± 0.001 FDH/node by ICP-OES. 

The concentration of formate was measured by headspace gas chromatography (GC-Headspace) 

after derivatization with MeOH. Under the irradiation with white light, FDH@Rh-NU-1006 was 

able to generate (Figure 5-14 b) 0.144 ± 0.003 M formate from CO2 after 24 h, resulting in a 

turnover frequency of 865 h-1 in 24 hours, a performance which is far superior compared (Table 

5-1) with these previously reported FDH immobilized system.121, 173-175, 189 In order to test the 

benefit of MOF-encapsulation of FDH in the reaction, a homogeneous mixture of NU-1006 

linker, FDH and Rh complex was measured. After 24 h of irradiation with the same light source, 

no obvious increase of formate concentration was detected, confirming that the close proximity 

of electron mediator and the photosensitizer is crucial for this solar-to-chemical conversion 

system. The Rh-NU-1006 alone is not able to generate a significant amount of formic acid (0.013 

± 0.01 M), confirming that FDH is the main contributor to CO2 reduction. The physical mixture 

of FDH@NU-1006 with Rh complex does not generate any formic acid in the first 6 hours; 

however, after 24 h, 0.144 ± 0.003 M of formic acid was generated. We believe that the 

incorporation of Rh complex within/on the surface of MOF crystals via SALI allows for the 

reaction to proceed. 

Table 5-1 Turnover frequencies of FDH immobilized with different materials with photochemical 
substrate regeneration. 

 
Support Material Type Turnover Frequency 

Graphene-based Photocatalyst (CCGCMAQSP)121 1.69 h-1 (in 2 h) 

Zinc tetrakis(4-methylpyridyl) porphyrin (ZnTMPyP)173 0.10 h-1 (in 3 h) 
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Photosensitisation of Mg chlorophyll-a (Mg Chl-a)174 4.64 h-1 (in 1 h) 

Viologen Skeleton175 9.38 h-1 (in 10 min) 

Rh-NU-1000 (this work) 865 h-1 (in 24 h) 

5.4 Conclusions 

 In conclusion, a modified mesoporous MOF, based on NU-1006, with pre-installed Rh-

based electron mediators, was employed for the encapsulation of FDH in order to realize a highly 

efficient CO2 fixation system. The utilization of solar energy in coenzyme regeneration was 

achieved by anchoring an electron mediator, Rh complex, into the hierarchical mesoporous MOF 

which contains pyrene-based linkers. Upon immobilization in Rh-NU-1006, FDH is able to 

convert CO2 to formate using NAD+ under white light within the same MOF crystal. By coupling 

the photochemical coenzyme regeneration with enzymatic CO2 reduction, we are able to 

minimize the diffusion of regenerated substrate to enzyme as well as cofactor-regeneration with 

an environmental-friendly source of energy. These results open the way for the design of SAP 

systems for high efficiency CO2 reduction with recyclable coenzyme.  
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Chapter 6 . Insights into the Enhanced Catalytic Activity of Cytochrome c 

When Encapsulated in a Metal–Organic Framework 

 

Portions of this chapter appear in the following manuscript: 

 

Chen, Y., Jiménez-Ángeles, F., Qiao, B., Krzyaniak, M.D., Sha, F., Kato, S., Gong, X., Buru, C.T., 

Chen, Z., Zhang, X., Gianneschi, N.C., Wasielewski, M.R., Olvera de la Cruz, M. & Farha, O. K.. 

Insights into the Enhanced Catalytic Activity of Cytochrome c When Encapsulated in a Metal–

Organic Framework. JACS. 2020, 142(43), 18576-18582. 
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6.1 Introduction 

 Enzymes are biocatalysts with intricate three-dimensional structures that nature has 

perfected over millions of years. With the increasing demand in green chemistry, enzymes have 

received widespread attention because of their high reaction selectivity, as well as, activity under 

mild reaction conditions.194 However, incompatible conditions such as high temperature, 

unfavorable pH, and the presence of organic solvents can easily result in the destruction of 

enzyme structures, which often manifests as a decline in their activity. This fragile nature of 

enzymes consequently limits their industrial utilization. To improve their long-term stability and 

recyclability, various methods have been investigated, including  enzyme immobilization,126, 195 

protein engineering, to name a few,196 among these, physical entrapment has gained widespread 

attention with its relatively straightforward immobilization process with minimal alteration on 

enzyme structures, leading to improved stability and preserved, and sometimes even enhanced, 

enzymatic activity.195, 197  

 Various supporting materials such as silica matrix,198-199 organic polymers,195, 200-202 and 

protein-based compartments125, 203 have been explored for enzyme encapsulation. As a class of 

highly porous materials, metal–organic frameworks (MOFs), composed of tunable organic 

linkers and inorganic nodes, have been extensively studied for various applications, including 

gas storage/separation,204-206 drug delivery,105, 207-208 catalysis,140, 209-210 and chemical sensing.211 

Most recently, MOFs have also been investigated as promising enzyme supports. Apart from the 

high loading capacity MOFs can provide, the tunability of MOFs also allows enzyme/MOF 

systems to act as nanoreactors that can combine enzymatic reactions with other types of reactions 

simultaneously or in tandem.212-213 In addition, with their atomically-precise, highly-ordered 

crystalline structures, MOFs can be characterized with a variety of physical methods such as X-
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ray diffraction. This ease in structural characterization provides MOFs with tremendous 

advantages over the traditional materials in the fundamental understanding of the interactions 

between the encapsulated enzymes and the host matrix.  

 To encapsulate enzymes within MOFs, two major strategies are used: 1. de novo 

encapsulation, where MOFs are assembled around enzymes, and 2. post-synthetic encapsulation, 

where enzymes are introduced into pre-synthesized MOFs.59 In many cases, especially when 

enzymes are encapsulated post-synthetically with MOFs that have large pores214 or when 

mesoporous defects were created within enzyme@microporous MOF aggregates,60, 215-217 

immobilized enzymes exhibit higher apparent catalytic activity compared with the activity of 

free enzymes.60, 212, 214-215 Three possible hypotheses have been proposed for this enhanced 

reaction rate. Firstly, the rigid MOF structure limits the unfolding of encapsulated enzymes and 

improve their stability under harsh conditions, such as organic solvents, high temperatures, as 

well as, unfavorable pH.105, 124, 172, 218 Secondly, MOFs provide elevated concentration of reaction 

substrate inside pores around the enzymes and further facilitate the reaction.214, 219 Lastly, it has 

been hypothesized that the structure of enzymes change when entering MOFs63 and this process 

might be beneficial for their catalytic performance. However, the structural and conformational 

changes of enzymes immobilized inside the pores of MOFs remain largely elusive because of the 

difficulties in characterizing the structure of encapsulated enzymes. 

 Herein, we reported the structural characterization of encapsulated Cytochrome c (Cyt c) 

in a mesoporous MOF, NU-1000, through a combination of experimental and computational 

methods. The composite’s catalytic activity was evaluated by probing the change in absorbance 

and heat during the oxidation of 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) 

(Figure 6-1). 
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Figure 6-1 Schematic illustration of Cyt c encapsulated in the mesopores of MOF NU-1000 and 
its oxidation of ABTS. The atoms color code is as follows: yellow, C; orange, S; red, Fe; blue, N; 
purple, protein region. 

 Cyt c is a transmembrane protein isolated from mitochondrial membrane and possesses a 

heme Fe active center among several α-helices in its structure.220 In this chapter, we selected Cyt 

c as a model enzyme to investigate its structural and catalytic behavior upon the encapsulation 

with MOF because of its small size (12 kDa, 3.2 nm × 2.7 nm × 3.8 nm), well-characterized and 

relatively simple structure, and extensively studied catalysis. The structurally well-defined, 

water-stable, channel-type MOF, NU-1000, was used as a platform for Cyt c encapsulation. NU-

1000 is a zirconium-based MOF consists of 8-connected Zr6 nodes and 4-connected tetratopic 

1,3,6,8-tetrakis(p-benzoate)pyrene  linkers. Its hierarchical structure which contains both 

mesopores (3.2 nm in diameter) and micropores (1.3 nm) enables the accommodation of the 

enzyme. The composite of Cyt c in NU-1000 is denoted as Cyt c@NU-1000. 

6.2 Experimental Methods 

6.2.1 Materials Syntheses 

 General MOF NU-1000 was synthesized and activated following the published method.221 

20 mg NU-1000 crystals were soaked in 7mg/ml Cyt c solution for 5 hours to ensure its 
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encapsulation and Cyt c@NU-1000 crystals were then centrifuged down and washed for 3 times 

with deionized (DI) water to remove the excess enzymes. All other reagents were purchased from 

Fisher Scientific or Sigma Aldrich and used as received.  

6.2.2 Physical Methods 

 Powder X-ray diffraction was measured at room temperature on a STOE-STADI P 

powder diffractometer equipped with an asymmetric curved Germanium monochromator 

(CuKα1 radiation, λ = 1.54056 Å) and a one-dimensional silicon strip detector (MYTHEN2 1K 

from DECTRIS). The line focused Cu X-ray tube was operated at 40 kV and 40 mA. Ar sorption 

isotherm measurements were performed on a Micromeritics ASAP-2020 (Micromeritics, 

Norcross, GA) at 87 K. The data points between 0.03 and 0.14 P/P0 were chosen for the BET 

surface area calculation to minimize the error for consistency criteria (R2=0.9997). Between 30 

and 50 mg of material was used for each measurement. The pore size distribution analysis was 

obtained by fitting the 2D-NLDFT model to the argon adsorption isotherms measured at 87 K. 

Inductively coupled plasma-optical emission spectroscopy (ICP-OES) was performed three times 

to measure the quantify the loading of Cyt c in NU-1000. The experiment was performed on 

QTEGRA software v. 2.2 Thermo iCap 7600 Duo ICP-OES (Thermo Fisher Scientific, 

Waltham, MA, USA) operating in standard mode. HNO3 (1.5 mL) was added to 2-3 mg Cyt 

c@NU-1000 in a 5 mL microwave vial for digestion followed by 0.5 mL H2O2. After sealing, the 

vial was heating in a Biotage (Uppsala, Sweden) SPX microwave reactor (software version 2.3, 

build 6250) at 150 °C for 15 min. The solution was then diluted by Millipore water, and the ratio 

of Zr to S was determined by calibration curve of standard solutions. Diffuse reflectance UV-vis 

spectra of the solid MOF samples were recorded with a Shimadzu UV-3600 with a Harrick 

Praying Mantis diffuse reflectance accessory. Teflon was used as a perfect reflector for baseline 
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collection and the samples were diluted with Teflon for the measurements. The obtained 

reflectance spectra were converted to absorption spectra by using Kubelka–Munk function. α/S = 

(1 − R)2(2R)−1 where R is the reflectance, α and S are the absorption and scattering coefficients, 

respectively. ITC experiments were performed using a VP-ITC titration microcalorimeter 

(MicroCal Inc.). 222 STEM-EDX analysis was performed using EPIC TEM JEOL ARM200CF 

operated at 200 keV and were acquired with probe size 8C and camera length 20 cm. 

6.2.3 Sample Preparation for UV-Vis Measurements 

 To prepare the free Cyt c reaction mixture, 5 µL Cyt c solution (1g/L in tris buffer) and 27 

µL ABTS solution (1g/L in tris buffer) were diluted with 995 µL of tris buffer. The reaction 

mixture was then transferred into quartz cuvette with an addition of 3 µL of 3% H2O2 solution 

before the measurement. 

 For Cyt c@NU-1000 reaction, 5 µL Cyt c solution (1g/L in tris buffer) was added to 0.5 

mL NU-1000 suspension (0.06 g/L in Tris buffer) solution for 5 hours to ensure the 

encapsulation. Then 495 µL tris buffer and 27 µL ABTS solution (1g/L in tris buffer) were also 

added to form the Cyt c@NU-1000 reaction mixture. After the reaction mixture was transferred 

to the cuvette and loaded on the UV-Vis spectrometer, 3 µL of 3% H2O2 solution was added 

before the start of measurement. 

6.2.4 Sample Preparation for Titration 

 Prior to the titration experiment, Cyt c@MOF (7.2 mg) and ABTS (0.6 mg) were mixed 

in 5 ml Tris buffer for 5 hours. All samples were degassed properly on a vacuum pump for 20 

mins. Titrations were performed by injecting a solution of H2O2 into the ITC sample cell 

containing Cyt c@NU-1000 suspensions or Cyt c solutions. All titrations were carried out at pH 

7.5 ± 0.1 in tris buffer under the following measurement conditions: reference power (10 µcal s-



103 
1), initial injection delay (600 s), stirring speed (307 rpm), feedback mode gain (high feedback), 

spacing between injections (500 s), and filter period (10 s). All titration experiments were 

performed in triplicate. Heats of dilution for H2O2 were determined in control experiments, and 

these were subtracted from the integrated data before obtaining heat flux. The transform of raw 

ITC results reaction rates was performed following the reported method.222 

6.2.5 All-atom Explicit Solvent Molecular Dynamics Simulations 

 Free Cyt c was simulated by placing it in a cubic simulation box of approximately 9 nm 

per side and containing 24000 water molecules. The Cyt c charge (+6e) was balanced by 6 Cl- 

counterions. The structure of cytochrome c (2b4z) was taken from the protein data bank.223 The 

molecular interactions were modeled using the CHARMM36m force field parameters.224 The 

system was equilibrated for 1 ns at T = 298 K and P = 1 bar using the Berendsen thermostat (τT = 

0.5 ps) and barostat (τP = 1 ps).  Then a production run was performed for a duration of 200 ns 

using the Nosé–Hoover thermostat (reference temperature 298 K, τT = 2 ps) and the Parrinello–

Rahman barostat (reference pressure 1 bar, τP = 1 ps) to control the temperature and pressure, 

respectively. Similar results were found when the simulation was performed in the NVT 

(constant number of particles, volume and temperature) ensemble. A time-step of 2 fs was used 

to integrate Newton’s equation of motion. Short-range interactions were truncated at 1.2 nm, and 

long-range electrostatic interactions were computed using the smooth particle mesh Ewald 

summation.225-226 Three-dimensional periodic boundary conditions were applied. The simulations 

were performed using the Gromacs open source code.227-228 

 For confined Cyt c we employed the setup shown in (Figure 6-2) consisting of a slab of 

NU1000 MOF immersed in an aqueous solution. The slab was made of 2 × 2 × 4-unit cells of 

MOF NU-1000. We employed a box of rhombic symmetry in the x-y plane; the cell parameters 
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are a = 8 nm, b = 6.9 nm, c = 18.6 nm, α = 90, β = 90, and γ = 120 (Figure 6-2 a). The NU-1000 

slab thickness in the z-direction was approximately 6.6 nm but the simulation box was extended 

to 18.6 nm to include the aqueous solution and vacuum region, as demonstrated in Figure 6-2 b. 

Cyt c was placed inside the NU-1000 nanopore before the system was solvated. The water phase 

was formed by 17000 water molecules which distributed inside the nanopores and formed two 

water layers adjacent to the MOF structure of at least 5 nm and a big empty space. The system 

was simulated employing 2D periodic boundary conditions in the x- and y- directions in the 

NVT ensemble. The atomic partial charge of the oxygen atoms (-0.667e) of [Zr6(µ3-O)4(µ3-

OH)4(OH)4]8+ was taken from the Zr6_MIX_node_S model in an earlier work.229 The atomic 

partial charge of Zr was assigned to 2.169 e, and -0.65 e and 0.42 e for hydroxyl oxygen and 

hydrogen, respectively, to create the net charge of +8 e for one [Zr6(µ3-O)4(µ3-OH)4(OH)4]8+  ion. 

The Lennard-Jones parameters of the Zr element were taken from the AMBER force field,188 

since they were missing from the CHARMM force field and the AMBER force field shares the 

same Lorentz-Berthelot combination rule for the nonbonded interactions with the CHARMM 

force field. The equilibrium bond lengths and angles of the [Zr6(µ3-O)4(µ3-OH)4(OH)4]8+ ion 

were obtained from the crystal structure. 
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Figure 6-2 (a) Top and (b) side views of the simulation setup for Cyt c encapsulated inside MOF 
NU-1000. The MOF linkers are colored in grey whereas the protein backbone is in purple. 

6.3 Results and Discussion 

 NU-1000 was synthesized and activated following the reported procedure.221 The 

apparent Brunauer–Emmett–Teller (BET) surface area of the synthesized NU-1000 is estimated 

to be 2210 m2/g, which is consistent with reported values.221 The MOF crystals (~5 µm in length, 

Figure 6-3) were then soaked in Cyt c solution for 5 hours to ensure its encapsulation. 

Subsequently, the loading of Cyt c was measured with inductively coupled plasma-optical 

emission spectroscopy (ICP-OES) and found to be 6.4 wt% (based on the ratio of S to Zr). The 

N2 uptake of Cyt c@NU-1000 decreases significantly comparing with that of the parent NU-

1000, indicating the presence of Cyt c in the MOF (Figure 6-4 a). The pore size distribution 

calculated via density function theory (DFT) also shows a decrease in the mesopore volume due 

to the presence of the enzyme within the mesopore (Figure 6-5). Powder X-ray diffraction 

(PXRD) patterns confirm that the bulk crystallinity of NU-1000 is retained after Cyt c 

encapsulation (Figure 6-4 b). The change in relative intensity of the low angle peaks at 2.5° and 
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5° also indicates the occupancy of large guest molecules in the mesopores of the MOF.156, 214 

Elemental mappings of S and Fe by scanning transmission electron microscopy with energy 

dispersive X-ray spectroscopy (STEM-EDX) illustrate the uniform distribution of Cyt c through 

the MOF particle (Figure 6-4 c). 

 
Figure 6-3 SEM image of NU-1000. 
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Figure 6-4 (a) N2 isotherms of NU-1000 and Cyt c@NU-1000. (b) PXRD patterns of simulated 
NU-1000, NU-1000 and Cyt c@NU-1000. (c) STEM-EDX elemental mappings of Zr from NU-
1000 and Fe, S from Cyt c in Cyt c@NU-1000. 

 
Figure 6-5 Pore size distribution of NU-1000 and Cyt c@NU-1000. 
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 After confirming Cyt c was encapsulated within the mesopores of NU-1000, the 

oxidation rate of ABTS with hydrogen peroxide, catalyzed by free Cyt c, was compared with that 

by Cyt c@NU-1000 using ultraviolet–visible spectroscopy (UV-Vis) and isothermal titration 

calorimetry (ITC).230-231 In the UV-Vis measurement, the remaining ABTS in reaction mixture 

was quantified by measuring the absorbance at 341 nm. The light scattering effect of MOF 

particles (0.03 g/L) does not affect the accuracy of ABTS quantification condition by UV-Vis 

under these dilute conditions (Figure 6-6 and Figure 6-7).232 After adding H2O2 to the reaction 

mixture, the oxidation of ABTS catalyzed by Cyt c@NU-1000 is approximately twice as fast as 

that of free Cyt c (Figure 6-8 a), even after subtraction of the background adsorption of ABTS in 

NU-1000 suspension as a blank control. We have also determined the Michaelis−Menten kinetics 

of free Cyt c and Cyt c@NU-1000. (Figure 6-9). Cyt c shows a significant decrease in Km value 

(from 123 mM to 20 mM) after being encapsulated within MOF NU-1000, suggesting that the 

encapsulated Cyt c has a higher substrate affinity. The kcat/Km value of Cyt c@NU-1000 (0.010 

mM-1s-1) is also larger than that of free Cyt c (0.008 mM-1s-1), indicating a better enzyme 

catalytic performance. To confirm the high reaction rate of Cyt c@NU-1000, ABTS oxidation 

rates of the catalysts were also measured with ITC (Figure 6-8 b). During this measurement, 

H2O2 (3.4 mM) was injected into pre-mixed ABTS and Cyt c/Cyt c@NU-1000 solutions, and the 

changes in heat flow were monitored. Injection of H2O2 into an ABTS solution was measured 

and subtracted as background. The thermodynamic information gained by ITC results suggest 

that after injecting the same amount of H2O2 within the period time, the ABTS oxidation 

catalyzed by Cyt c@NU-1000 releases more heat than free Cyt c. The heat release of H2O2 

injecting into ABTS solution contains bare NU-1000 was subtracted as background when 

calculating the heat release of Cyt c@NU-1000. These results agree with the reaction rates 
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observed with UV-Vis measurements, indicating that after being encapsulated with NU-1000, 

Cyt c shows a better catalytic performance. 

 

Figure 6-6 Absorption spectrum of ABTS at different concentrations. 

 

Figure 6-7 Standard curve of ABTS in 0.03 g/L MOF suspension measured by UV-vis. 
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Figure 6-8. (a) The converted ABTS in solution after oxidation reaction catalyzed by Cyt c and 
Cyt c@NU-1000 measured by disappearance of 341 nm band in the UV-Vis. All experiments are 
triplicated, and the standard deviation of each time point is shown as error bar. (b) The analyzed 
calorimetric data for the multiple injections of H2O2 into ABTS solutions that contain Cyt c or Cyt 
c@NU-1000. 

 
Figure 6-9 Double reciprocal plots of H2O2 concentrations with activities of Cyt c@NU-1000 and 
free Cyt c. 

 To investigate if the enhanced reaction rate is resulted from the structural change of Cyt c 

upon encapsulation, the coordination environment of the active centers of free Cyt c and Cyt 

c@NU-1000 was investigated by electron paramagnetic resonance (EPR) spectroscopy. The 

native enzyme shows a feature at g = 6 (115 mT), corresponding to a high spin ferric heme and 
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low spin ferric heme with g-values [3.0 2.2, 2.0], these agree well with literature (Figure 6-10 

a).233 Upon encapsulation with NU-1000, there is a loss of the signal associated with the low spin 

heme species and a new feature at g = 4.3. Ferric iron with a g-value of 4.3 is commonly 

associated with non-heme iron or iron in a rhombic, low symmetry environment.233 This result 

indicates that the coordination environment of the iron in Cyt c is significantly perturbed upon 

encapsulation in NU-1000. This change in active center spin configuration of Cyt c confined in 

pores of NU-1000 could result in the enhanced activity because the active centers of enzymes are 

highly related to an enzyme’s catalytic performance. Solid-state UV-Vis was also utilized to 

elucidate of the structure of encapsulated Cyt c. The red shift in Soret band (~410 nm) of Cyt 

c@NU-1000 from Cyt c indicates the change in microenvironment of the heme active center 

induced by MOF adsorption (Figure 6-10 b). On the other hand, this shift is not observed in the 

physical mixture of Cyt c and NU-1000 powder, ruling out the interference of the absorbance 

from NU-1000. In addition, increase in the charge transfer band (~ 700 nm) and the band at 620 

nm has been observed in the encapsulated Cyt c, which can also be attributed to the increased 

amount of high spin Fe species in the immobilized sample, corroborating our observation in the 

EPR studies.234  
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Figure 6-10 (a) The EPR spectra of free Cyt c and Cyt c@NU-1000 collected at 20 K. The copper 
background is denoted with an asterisk. (b) Normalized diffuse reflective UV-Vis of free Cyt c, 
Cytc@NU-1000, NU-1000 and the physical mixture of Cyt c and NU-1000. 

 All-atom explicit solvent molecular dynamics (MD) simulations were also performed to 

provide a deeper understanding of the structural changes in Cyt c upon encapsulation in the 

mesopores of NU-1000. The coordination environment of the heme active center of free Cyt c 

and Cyt c@NU-1000 was determined by tracking the change in distances between the designated 

atoms N (His 18), S (Met 80), C (Pro 30) and Fe. Specifically, we calculated the probability 

distribution function P(D), which shows the probability of the specified atom at a distance D 

from the Fe active site. When looking at the structure of free Cyt c, the distances between Fe to 

N (His 18), to S (Met 80) and to C (Pro 30) are 0.21 ± 0.03 nm, 0.46 ± 0.03 and 0.73 ± 0.06 nm, 

respectively (Figure 6-11 a). The sharp distributions (and the corresponding small standard 

deviations) of N (His80) and S (Met80) suggest that their positions are highly localized, whereas 

C (Pro 30) is more delocalized. The coordination of these atoms changed significantly when Cyt 

c was encapsulated inside the NU-1000 (Figure 6-11 b). The N (His 18) and S (Met 80) atoms 

are distributed farther from the heme Fe site in Cyt c@NU-1000, comparing with the free state; 

the average distance between Fe to N (His 18) and to S (Met 80) have increased to 0.56 ± 0.05 
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nm and 0.58 ± 0.06 nm, respectively. Additionally, the N (His 18) and S (Met 80) atoms in Cyt 

c@NU-1000 are more delocalized than those in the free Cyt c, as evidenced by the larger 

standard deviations. On the other hand, C (Pro 30) atom is more localized and becomes closer to 

Fe in the confined Cyt c with the distance of 0.34 ± 0.04 nm. The snapshots of Cyt c in the free 

state and encapsulated inside NU-1000 portray the region around the heme cofactor featuring the 

His 18, Met 80, and Pro 30 amino acids in Cyt c (Figure 6-11 c & Figure 6-11 d). In the free Cyt 

c, the N (His 18) atom is found on a different side of the heme active center from the S (Met 80) 

atom. The C (Pro 30) is located farther from the active center and on the same side as N (His 18). 

When Cyt c is encapsulated in NU-1000, the N (His 18) and S (Met 80) atoms are displaced 

farther away from the Fe site, whereas the C (Pro 30) atom becomes closer to the Fe atom. The 

configurational changes observed in the MD simulations agree with the EPR spectra changes as 

well as the DR-UV-Vis results; however, what we have observed is different from the 

conventional hypothesis that the replacing of Met 80 with a water molecule is the structural 

change in encapsulated Cyt c that results in the change of spin state of the Fe in its active 

center.235-236 
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Figure 6-11 NU-1000 encapsulation changes the coordination of the Cyt c heme active site. 
Probability distributions, P(D), of N (His 18), S (Met 80), and C (Pro 30) distances relative to Fe, 
(a) in bulk and (b) inside MOF NU-1000. The configurations of Cyt C in water (c) and inside MOF 
NU-1000 (d); the snapshots show the protein’s backbone (gray), the heme cofactor (Heme), the 
amino acids His 18, Met 80, Pro 30 and the nearby water molecules. The atomic color code is as 
follows: blue, N; pink, Fe; cyan, C; yellow, S; red, O; white, H. 

 The distribution and quantity of water molecules are also found to be different in free Cyt 

c and encapsulated Cyt (Figure 6-11). In the free state, the radial distribution function g(r) of the 

water oxygen atoms as a function of the distance to Fe site shows a well-defined peak at r = 0.4 

nm as an indication of the water molecules localized nearby the active site. The peak, however, is 

not observed when Cyt c is inside the MOF, indicating the diffusive feature of neighboring water 

molecules. The calculation of the total number of neighboring water molecules implies that more 
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water molecules are found within 1 nm from the Fe site in the confined Cyt c than in the free Cyt 

c. The better access of water to the heme active site is caused by a partial unfolding of the 

protein’s backbone due to the non-polar interaction of Cyt c and NU1000 (Figure 6-11). Polar 

amino acids stabilize the interaction of the heme cofactor and water .237 The increased amount of 

water molecules located at inner protein region of encapsulated Cyt c may indicate a better 

accessibility of the water-soluble reaction substrate (such as ABTS and H2O2) to the active center 

and consequently facilitate catalysis, agreeing with the decreased Km values of encapsulated Cyt 

c. 

 
Figure 6-12 Radial distribution function g(r) of the water oxygen atoms as a function of the 
distance to heme Fe atom for Cyt c (a) free and (b) inside the NU-1000. 
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Figure 6-13. Instantaneous snapshots showing that the entrance to the Cyt c heme active site 
widens upon encapsulation by NU-1000. The separation distance between the backbone atoms 
Lys13:Cα to Gly84:C and between Ile85:Cα to ILE9:CA of Cyt c (a) free and (b) inside the NU-
1000. Confinement increases of the separation distances (partial unfolding of Cyt c) allowing a 
better access of water into the heme region. The water molecules are shown within 8 Å of Fe.  

6.4 Conclusions 

 In conclusion, we have employed Cyt c as a model to investigate the structures and 

behaviors of encapsulated enzymes in MOFs with a combination of experimental and 

computational techniques. Upon encapsulation, Cyt c@NU-1000 catalyzes the oxidation of 

ABTS at a faster rate than free Cyt c, verified by both UV-Vis and ITC. After comparing the 

structures of encapsulated Cyt c with its native state using EPR, solid-state UV-Vis and MD 

simulation, we have discovered that the enzyme structure around its active center is different 

when the enzyme is encapsulated, likely resulting in enhanced accessibility of the active center 

to reaction substrates. It is possible that the alteration in enzyme strucuture and enhanced 

catalytic performance could result from the hydrophilic/hydrophobic interactions between the 
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organic linker and the enzyme. In short, we have taken advantage of the crystalline nature of 

MOFs to elucidate the structure of a complex enzyme and exploited these structural changes that 

improved its catalytic activity. This work sheds light on the complex relationship between 

enzyme structures and porous supports and provides new opportunities in designing other 

supported enzymatic systems with enhanced catalytic activity and stability. 
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